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Abstract 

 

 

Shellfish, including New Zealand GreenshellÊ mussels (Perna canaliculus), New Zealand 

black-footed abalone (Haliotis iris) and flat oysters (Ostrea chilensis) are susceptible to a 

number of pathogens and diseases which threaten the aquaculture industry. In recent years, the 

high mortality of these species in both wild and farm settings has increased in frequency and 

magnitude. These mortality events often take place in summer (summer mortality), with 

shellfish succumbing to heat stress and pathogen loadings. However, there is a lack of 

information on the combined effects of acute heat stress and immune stimulation, as well as the 

specific mechanisms of the effects, susceptibility and resilience. Therefore, a better 

understanding is needed of the health status and capacity of shellfish to survive and overcome 

these events. Key to this understanding is the investigation of host-pathogen-environment 

interactions during mortality events and transmission pathways of infections. 

 

Histology, one of the most useful and imperative diagnostic techniques, was applied for the 

detection and identification of protozoa (Perkinsus olseni, apicomplexan X [APX], Bonamia 

exitiosa and B. ostreae, gut protozoan), ciliates (Scyphidia-like, Sphenophrya-like and 

unidentified disintegrated), fungi (Microsporidium rapuae), cestodes (Bucephalus 

longicornutus and Gymnophallid-like metacercaria), microbes (intracellular microcolonies of 

bacteria, Vibrio-like bacteria) and copepods from different tissues of H. iris, O. chilensis and 

P. canaliculus collected from Moana Blue Abalone Ltd., Kaiaua mussel farms and oyster farms 

in the Marlborough Sounds, New Zealand. Subsequent in situ-hybridization confirmed the 
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identity of P. olseni in H. iris and P. canaliculus. This is the first detailed description of P. 

olseni in H. iris. There is a close relationship between the health status of abalone and the 

presence or absence of parasites, which may assist with identifying and characterising abalone 

health risks. Consequently, the findings of this thesis increase our in-depth understanding of 

pathogen infections in abalone, including host immune responses which may be used as early 

warning signs of health issues in wild and cultivated abalone in New Zealand. Furthermore, 

this is the first report on seasonal variations of P. olseni and APX in P. canaliculus. There was 

a significant association between seasons and the presence of P. olseni and APX in mussels. 

The abundance of B. ostreae, P. olseni and APX for whole animals and different tissues was 

evaluated semi-quantitatively using modified grading scales. Inflammatory tissue responses 

and abnormal tissue structures were also assessed semi-quantitatively. The modified grading 

schemes were employed to assess the health state of oysters, as well as improve the 

understanding of the progression of B. ostreae disease in oyster tissues. In this investigation, B. 

ostreae microcells were detected inside haemocytes of O. chilensis. The haemocytes presence 

in a variety of tissues within oysters indicated B. ostreae was present at these sites. Moreover, 

diapedesis was noticed in tissues containing B. ostreae in haemocytes and suggesting a route 

of disease transmission. 

A new classification scheme for P. canaliculus haemocytes was developed using Giemsa-

stained smears, which is improved and more representative for the characterization of 

haemocytes (eight distinct types). The successful observation of phagocytic performance 

indicates that granulocytes only exhibit phagocytosis, and the phagocytic activity changed with 

season and temperature. 

Multidisciplinary methods including enzyme staining reactions, flow cytometry, and 

metabolomic profiling were used to investigate the combined effects of acute thermal stress and 

immune stimulation on mussels exposed to different temperatures (26°C vs 15°C) and 

endotoxin injection (with vs without). Positive enzyme reactions of the marker enzymes (acid 

phosphatase [ACP] and phenoloxidase [PO]) only detected in granulocytes, and for the first 

time, ACP and PO were evaluated in P. canaliculus. At the higher water temperature, free fatty 

acid constituents increased in mussel haemolymph and free amino acids decreased which 

supports higher energy demand and metabolic rate due to thermal stress. Survival data 

confirmed a severe physiological impact of the high-temperature treatment through incidences 

of mortality. However, thermal stress combined with endotoxin exposure did not lead to a 

synergistic effect on mortality. These findings provide new insights into the relationship 

between thermal stress and immunity to better understand the immune defence system in 

mussels. 
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In summary, the information of this thesis helps to draw inferences about specific infection 

patterns relating to disease development and transmission mechanisms, assess host-pathogen 

interactions, to better understand the immune function and the overall health of shellfish for 

disease mitigation of these important aquaculture species. This information is crucial to develop 

disease management strategies and early warning systems for aquaculture species to ensure the 

sustainability of wild and farmed shellfish populations. 
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Chapter 1 

Introduction and Literature Review 
 

  New Zealand aquaculture species (New Zealand GreenshellÊ  

     mussels, New Zealand black-footed abalone and flat oysters) 
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1.1 General Introduction  and Literature Review 

1.1.1 Worldwide aquaculture 
Aquaculture production is anticipated to rise by 109 million tonnes in 2030, a rise of 32% (26 

million tonnes) over 2018 (FAO, 2020). From 2001 to 2018, the global aquaculture production 

of farmed aquatic animals increased by an average of 5.3% per year. Asia is expected to 

continue to boost the aquaculture sector with 89% of the global production by 2030. Overall, 

aquaculture production takes place in all corners of the globe, particularly in Africa (up to 48%) 

and Latin America (up to 33%). Since 1991, the amount of farmed aquatic food produced in 

China exceeded that of the rest of the world combined (FAO, 2020). Among major aquaculture 

producing countries, Egypt, Chile, India, Indonesia, Vietnam, Bangladesh and Norway have 

enhanced their share in regional or global production to a varying degree over the past two 

decades (FAO, 2020). The second-largest species production in the world is molluscs, with an 

output of 17.7 million tonnes and US$34.6 billion; bivalves, including mussels, clams, scallops 

and oysters, with a production of 9.4 million tons and US$69.3 billion in 2017 (FAO, 2020). 

Today, aquaculture is by far the dominant source of bivalve resources for human consumption. 

However, throughout the world, the growth and sustainability of the aquaculture industry are 

adversely affected by summer mortality events and high pathogen loads. Thus, good biosecurity 

practices are vital for successful marine and land-based farming and the future of the 

aquaculture industry. 

 

1.1.2 New Zealand Aquaculture 

New Zealand aquaculture products are well accepted by the international market and the 

industry continues to evolve to meet demands. The New Zealand flagship species are 

GreenshellÊ mussels (Perna canaliculus), followed by King salmon (Oncorhynchus 

tschawytscha) and Pacific oysters (Crassostrea gigas) with some new species currently being 

investigated for their commercial value. There are well-established aquaculture regions at the 

top of the South Island and the top of the North Island. The aquaculture industry is spread 

mainly across five regions; mussels in Marlborough, Coromandel and Southland; oysters in 

Northland, Auckland and Coromandel; abalone in Marlborough and Canterbury (New Zealand 

Aquaculture Fact, 2012) (Fig. 1.1). Northland dominates Pacific oyster production (51%), with 

the remaining production being split between the Coromandel (26%), Auckland (21%) and 

Marlborough (3%) (New Zealand Aquaculture Fact, 2012). 

 

New Zealandôs aquaculture industry employs more than 3,000 people, and its revenue in 2019 

is approximately US$600 million (https://www.aquaculture.org.nz/). In 2018, the total 

aquaculture production in New Zealand was 104,500 tonnes (FAO, 2020). New Zealand 

aquaculture products are considered the worldôs best seafood and are exported to 79 countries 

https://www.aquaculture.org.nz/
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throughout the world (Aquaculture New Zealand, 2016). Over the past 50 years, New Zealandôs 

aquaculture has grown from a small scale to a major key industry with sustainably producing 

the worldôs best seafoodï GreenshellÊ mussels, King salmon and Pacific oysters. 

(https://www.aquaculture.org.nz/). The GreenshellÊ mussel (P. canaliculus) is New Zealand's 

most iconic premium seafood. In 2017, the production of oysters, salmon and mussels 

represented 1.5%, 12.8% and 85.6% respectively (FAO, 2019) (Fig. 1.2). In this country, total 

bivalve production in 2018 was 88,200 tonnes (FAO, 2020). The production of two bivalves 

(P. canaliculus and C. gigas) has made great contributions to the national economy. Other 

cultured species with smaller productions include New Zealand black-footed abalone/ pǕua 

(Haliotis iris) and flat oysters (Ostrea chilensis). H. iris has been grown on a broader 

commercial scale, and its flesh and decorative shells have been recognized by the great 

commercial markets of the world. Statistics from the Food and Agriculture Organization of the 

United Nations (FAO) show that the worldôs production of farmed abalone has reached 22,000 

tonnes. Abalone exports increased from $34 million in 1991 to a top of $80 million in 2001, 

before falling to $51 million in 2003 (https://www.paua.org.nz/). New Zealandôs abalone/pǕua 

industry predominantly contributes to an international market (Cook & Gordon, 2010; Hooker 

& Creese, 1995) where the exported product of fresh, frozen and processed New Zealand 

abalone has increased the commercial tariffs. In 2016, New Zealand exported $37.5 million 

capital of abalone with a bulk of 763.5 tonnes from processed products, 37 tonnes from frozen 

products and 29.1 tonnes from fresh products (Seafood New Zealand, 2016). Another 

aquaculture species under development, the New Zealand geoduck (Panopea zelandica) has 

also expanded as is one of the most profitable products in the seafood market (Le et al., 2017). 

New Zealand aims to develop other potential aquaculture species, such as yellowtail kingfish 

(Seriola lalandi lalandi), gropers (Polyprion oxygeneios) and eels (Anguilla australis, A. 

dieffenbachia) (https://www.niwa.co.nz). 

In New Zealand, the aquaculture industry has been perceived by the government as a top 

potential income source through the New Zealand aquaculture strategy and action plan 

(Ministry for Primary Industries, 2020). Therefore, the government has announced a strategy 

that will help "streamline" the aquaculture industry toward turning into a $3 billion industry by 

2035. However, marine shellfish diseases and summer mortality pose significant threats to the 

industry. Addressing these health threats requires a thorough understanding of the immune 

systems of these commercially important New Zealand aquaculture species and their ability to 

cope with the increased burden of pathogens. 

https://www.aquaculture.org.nz/
https://www.paua.org.nz/
https://www.niwa.co.nz/
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Figure 1.1 Major aquaculture areas in New Zealand (Adapted from New Zealand  

                        Aquaculture Fact, 2012 & NZMFA, 2010). 
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Figure 1.2 Production of New Zealand aquaculture in 2017. Data was obtained  

                        from FAO FishStat (FAO, 2019). 

 

1.1.3 Disease outbreaks in aquaculture species 

Disease can be simply defined as a lack of health. However, diseases are often associated with 

host-pathogen interactions. Infectious diseases have always been one of the top issues for the 

growth and sustainability of the seafood industry. They have negative impacts on the production 

of both farm and wild harvest, as well as the development of seafood quality. In recent decades, 

aquaculture diseases have attracted attention because they can seriously compromise 

production and profitability. The ongoing development of aquaculture together with the 

international trade of seafood, transfers and introduction of shellfish seed and stocks have 

escalated the threat of disease spread throughout the world. Disease outbreaks may be due to 

the spread of wild populations, accidental transfer of sick animals between farms, use of 

pathogen-infected feed, poor water quality, lack of sanitary barriers, lack of identification and 

isolation of unhealthy organisms, and impaired animal welfare as a result of overstocking and 

malnutrition, among others (Alfaro & Young, 2016). Disease outbreaks in aquaculture are often 

associated with viruses, bacteria and parasites. It is estimated that up to 1/5 of potential 

DǊŜŜƴǎƘŜƭƭϰ ƳǳǎǎŜƭǎ       
85.6% (99,7 tonnes) 

King salmon          
12.8% (14,9 tonnes)

Pacific oysters                 
1.5% (1,8 tonnes)

Others                                                         
0.1% (0,1 tonnes)

Proportion of New Zealand Aquaculture Production in    
2017

DǊŜŜƴǎƘŜƭƭϰ ƳǳǎǎŜƭǎ       King salmon

Pacific oysters Others
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aquaculture production in China, which is responsible for over two-thirds of the worldôs 

production, is lost due to the emergence of diseases (Li et al., 2011). In some cases, large-scale 

deaths caused by epidemics of serious diseases caused a large number of deaths in certain 

sectors, leading to the total collapse of the industry and a large socio-economic impact (for 

example, the herpes virus in oysters, white spot syndrome virus in shrimp) (Peeler et al., 2012; 

Sánchez-Martínez et al., 2007). Thus, disease outbreaks are considered to be a major constraint 

on aquaculture production and trade, affecting the economic development and socio-economic 

income of this sector in many countries around the world. 

 

Several pathogens that have a major impact on the aquaculture industry have been identified 

worldwide. For example, a digenetic trematode, Cercaria tenuans, was the probable causative 

agent of extensive mortality of cultured mussels (Mytilus edulis = Mytilus galloprovincialis) in 

the southern part of the Laguna Veneta, Italy (Munford et al., 1981). In addition, disseminated 

neoplasia, also called leukemia or hemic neoplasia, has been discovered in blue mussels (M. 

galloprovincialis) from the coast of the Romanian Black Sea (Ciocan et al., 2005). The disease 

is characterized by the presence of single anaplastic cells with enlarged nuclei and sometimes 

frequent mitosis in hemolymph vessels and sinuses. The neoplastic cells gradually replace 

normal haemocytes leading to increased animal mortality. 

 

Viral infections, such as the Oyster Herpes Virus (OsHV-1) have severely impacted oyster 

populations in Europe, Australia and New Zealand. It has long been believed that the oyster 

herpes virus occasionally causes the death of larvae and juveniles of bivalve species, most 

notably the Pacific oyster, C. gigas, and the flat oyster, Ostrea edulis (Hine, 2002a; Renault & 

Novoa, 2004). However, in 2008, a new variant (OsHV type 1 microvar) was described in 

association with mass mortalities of Pacific oyster spat in the United Kingdom, France, Ireland 

and Asia (Hwang et al., 2013; Peeler et al., 2012; Segarra et al., 2010). This virus without 

associated mortality was also detected in C. gigas in Spain and Italy (Dundon et al., 2011; 

Roque et al., 2012). In 2010, New Zealand and Australia recorded the first mortality outbreaks 

associated with OsHV-1 microvar (Bingham et al., 2013; Jenkins et al., 2013). These outbreaks 

have received considerable attention from shellfish farmers and scientists, but there is currently 

little information about these infections and their impacts. In late 2005, an acute disease, 

abalone viral ganglioneuritis (AVG), occurred in a land farm in Victoria, Australia, which was 

associated with very high mortality (up to 100%) in farmed abalone (Hooper et al., 2007). In 

May 2006, the disease was discovered in wild abalone, first near the affected farms, and 

subsequently spread along the Victorian coastline. After abalone was transferred from the wild 

to the farm, all three farms exploded almost simultaneously. The history of the abalone 

movement linking farms, the spread of outbreaks on farms, within and between farms, as well 
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as clinical observations of moribund and dead abalone, were all significantly indicative of a 

virulent infectious agent. 

 

Bacterial infections are a constant risk to stocks in aquaculture facilities, such as hatcheries, 

nurseries and grow-out tanks (Webb, 2012). Bacterial pathogens, especially Vibrio spp. 

seriously affect aquaculture species and cause mortality outbreaks of marine bivalves in 

hatcheries, commercial farms and natural habitats (Travers et al., 2015). Some common Vibrio 

species include V. splendidus, V. harveyi, V. tubiashii/coralliilyticus, V. aestuarianus, and V. 

crassostreae; and other members of the genus Nocardia and Roseovarius are also considered 

important pathogenic bacterial species affecting bivalve aquaculture (Travers et al., 2015). 

Xenohaliotis californiensis is a proposed new genus and new species of Rickettsiaceae that 

causes the disease known as ñwithering syndromeò, occurring in the epithelium of the intestinal 

tract of abalone and responsible for mortality (Friedman et al., 2000). Xenohaliotis 

californiensis is listed by the OIE Manual of Diagnostic Tests for Aquatic Animals (OIE, 

2019a). 

 

Protozoan parasites belonging to the genera Perkinsus, Haplosporidium, Marteilia, and 

Bonamia severely affect a variety of mollusc species, such as abalone, clams, mussels, oysters, 

and scallops; which are commercially harvested or farmed around the world (Robledo et al., 

2014). In particular, Perkinsus marinus, Perkinsus olseni, Marteilia refringens, Mikrocytos 

mackini, Bonamia ostreae, and Bonamia exitiosa can infect abalone, clams, mussels, oysters, 

and scallops, and are therefore currently under surveillance by the World Organization for 

Animal Health (OIE, 2019a). Infectious diseases are still a major concern for aquaculture and 

causing massive losses, and sometimes even shutting down certain operations completely. 

Therefore, the management of infectious diseases is a priority for aquaculture sustainability. 

 

 

1.1.4 Potential disease risk of New Zealand aquaculture species 

There is credible evidence that various pathogens and diseases have adverse effects on New 

Zealand aquaculture species. Potential disease risks to New Zealand aquaculture species are 

discussed below: 

 

1.1.4.1 Mussels 

New Zealand GreenshellÊ mussels (P. canaliculus) support the largest shellfish industry in 

this country. However, due to their filter-feeding nature, mussels act as reservoirs for bacteria, 

including Vibrio spp., and can release them into seawater (Prado et al., 2014). Currently, there 

has been little information published in regards to diseases of P. canaliculus in New Zealand. 
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Pathogens observed in P. canaliculus are the unenveloped RNA virus in the epithelial cells of 

the digestive tract (Jones et al., 1996); phenotypic identification of two non-reactive gram-

negative bacteria- V. splendidus, V. coralliilyticus/neptunius-like isolate in larval tissue 

(Kesarcodi-Watson et al., 2009a); protozoan parasite apicomplexan X (APX) in the gonad 

(Diggles et al., 2002a); flatworm- Enterogonia orbicularis inside body and mud worms- 

Boccardia spp. and Polydora spp. within the shell (Diggles et al., 2002a). Pathogens and 

parasites associated with P. canaliculus that have been recorded in New Zealand include APX, 

B. exitiosa, digestive epithelial virosis (DEV), invasive ciliates, shell-boring worms (mud 

worms) and Vibrio spp. bacteria (Castinel et al., 2014, 2019). The significant pathogen, APX 

was also identified in different mussels- P. canaliculus, M. galloprovincialis and Modiolus 

areolatus in New Zealand (Suong et al., 2019). Perkinsus olseni which is associated with 

inflammatory responses and mass mortalities was noted in P. canaliculus from the top of the 

South Island in New Zealand (OIE, 2016). P. olseni was first reported in farmed P. canaliculus 

at the top of the South Island in 2014 (OIE, 2014, 2016) and then in 2018 (Webb & Duncan, 

2019). Relatively few studies have focused on Perkinsus and APX infection and their relation 

with seasonal temperature variations in New Zealand GreenshellÊ mussels. Therefore, 

seasonal changes in P. olseni and APX infections in New Zealand GreenshellÊ mussels (P. 

canaliculus) are first reported in Chapter 4. Since Perkinsus infection is usually related to key 

environmental factors, such as water temperature, salinity, animal density, and substrate type, 

it is important to continuously monitor Perkinsus infection during all seasons.  

 

The greatest potential threat to New Zealand GreenshellÊ mussels aquaculture appears to be 

posed by parasites introduced by invading species of blue mussels (e.g., Mytilus edulis). These 

common ship-borne fouling organisms are a likely source of overseas pathogens. The 

hybridisation of invasive and indigenous blue mussels (M. galloprovincialis) presents 

additional potential pathological risks due to the production of more susceptible reservoir hosts 

suitable for these pathogens. Evidence for such a risk is reported by Beaumont et al. (2004) 

who found the slower performance of M. edulis × M. galloprovincialis hybrids compared with 

pure species. Furthermore, Fuentes et al. (2002) reported lower viability of hybrids challenged 

by heat shock or infection with Marteilia refringens. If Mytilus spp. were to become infected 

with Marteilia and if appropriate intermediate hosts (or local substitutes) were available, there 

is the possibility of transmission to GreenshellÊ mussels (Webb et al., 2007). 

 

1.1.4.2 Oysters 

Flat oysters (Ostrea chilensis) and Pacific oysters (C. gigas) are filter-feeding animals and are 

important aquaculture species in New Zealand. However, several diseases and parasites 
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associated with oysters have been reported, most of which are also globally ubiquitous and pose 

some commercial threats to oysters production. The haplosporidian parasites Bonamia spp. 

have had significant impacts on both farmed and wild populations of flat oysters around the 

world (Carnegie et al., 2016; Doonan et al., 1994; Engelsma et al., 2014). Due to its ongoing 

impact on the flat oyster fishery in New Zealand, there has been both experimental and 

observational work carried out examining the epidemiology and pathology of B. exitiosa 

affecting O. chilensis in New Zealand (Cranfield et al., 2005; Diggles & Hine, 2002; Hine et 

al., 2002; Hine, 1991a). B. ostreae is a parasite that can fatally infect flat oysters and poses a 

substantial threat to this species of oyster. B. ostreae was first discovered in the upper South 

Island in 2015, then in Big Glory Bay oyster farms in 2017. B. ostreae and B. exitiosa alone 

have caused serious internationally notifiable disease outbreaks (OIE, 2018a; OIE, 2018b; OIE, 

2012). They were responsible for heavy stock losses (80 to 90%) in oyster populations (Elston 

et al., 1987; Farley et al., 1988; Hine, 1996). Hine (2002a) reported severe apicomplexan and 

B. exitiosa infection in the oyster, O. chilensis. In addition, Bonamia spp. have been found 

within the haemocytes of flat oysters, and Bonamia co-infections have been observed in O. 

chilensis in New Zealand (Lane et al., 2016). The mortality outbreaks of O. chilensis were 

caused by Bonamia spp. (Castinel et al., 2013) which led to the removal of all the farmed oysters 

in New Zealand in 2017. Therefore, clarifying the disease progression pattern of B. ostreae 

infections within O. chilensis is paramount in helping to determine appropriate disease 

management strategies. Chapter 3 introduces B. ostreae, B. exitiosa, and other parasites in flat 

oysters in New Zealand, as well as the specific pattern of B. ostreae disease progression in 

oystersô tissues, to elucidate host-parasite interactions and transmission of infection. 

 

Several other pathogen and parasites such as Bucephalus longicornutus, APX, Microsporidium 

rapuae and ciliates in digestive tubule lumen; copepod in digestive gland connective tissue and 

Rickettsia in digestive tubule epithelium also have been reported in flat oysters (Lane et al., 

2016). Diggles et al. (2002a) noticed viruses-iridovirus, herpes-like virus in gill, mantle and 

adductor muscle; bacteria-Nocardia crassostreae (gram-positive bacteria) in the mantle, gill, 

adductor muscle and heart; Cytophaga spp. in hinge ligament; rickettsia like organisms (RLOs) 

(now referred to as intracellular microcolonies of bacteria [IMCs] by Cano et al., 2020) in 

mantle and gill; protozoa- Marteilioides chungmuensis in ovarian follicle; Mikrocytos mackini 

in the body wall, labial pulp and mantle; Haplosporidium nelsoni; and Perkinsus marinus in 

the mantle of Pacific oysters. 

 

Other diseases and parasites associated with New Zealand oysters have also been reported. 

These include flatworms Enterogonia orbicularis inside the body, mud worms- Boccardia spp. 

and Polydora spp. within the shell (Diggles et al., 2002a); spionid mud-worms (Handley & 
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Bergquist, 1997; Handley, 1995) and ostreid herpes virus OsHV-1 (Dinamani, 1971; Hine et 

al., 1992; Jenkins & Meredyth-Young, 1979), which also infects oyster larvae and spat. 

Potential problems could arise from RLOs/IMCs, granuloma-like lesions and inflammatory 

lesions suggestive of haemocytic neoplasia, and severe cases of mud worm can cause 

significant shell embrittlement (Webb, 2012). The least affected organisms (Dinamani, 1986) 

include turbellarians, chironomids, nematodes, mud worms and pea crabs. Hine and Jones 

(1994) mentioned the copepod Pseudomyicola spinosus but asserted that it appears to have little 

effect on its hosts. In 2010, New Zealand recorded the first outbreak of mortality involving 

OsHV1 microvariants (Bingham et al., 2013; Jenkins et al., 2013). These outbreaks have 

received considerable attention from shellfish farmers and scientists, but at present, there is 

currently little information on these infections and their impacts. 

 

1.1.4.3 Abalone 

New Zealand black-footed abalone or pǕua (H. iris) are currently farmed in New Zealand. 

However, abalone cultured at high densities (up to 45% of the cultured H. iris) usually show 

erosion and exfoliation damage of the foot and epipodium, which are usually associated with 

infections of various bacteria (Diggles & Oliver, 2005). In addition, pathogenic transmissions 

from one species to another are common in intensive aquaculture settings. Diggles and Oliver 

(2005), observed Flexibacter/Cytophaga-like rods bacteria in the epithelium of the foot and 

epipodium of pǕua. Diggles et al. (2002a) reported pustule disease caused by Vibrio spp. 

bacteria. Vibrio species are commonly associated with moribund abalone. Infection with V. 

harveyi is marked by tissue inflammation generally leading to the formation of pustules that are 

analogous to vertebrate abscesses. In organized lesions (such as foot muscle abscess), a large 

number of live and necrotic haemocytes are often seen to accumulate, and many bacteria are 

surrounded by a well-developed haemocyte response. V. harveyi and V. splendidus have been 

observed to pose a significant risk to other cultured mollusc species in New Zealand (Webb, 

2013). Diggles et al. (2002a) also reported Flavobacterium-like glinding bacteria in shell, 

epipodium, mantle and foot of juvenile abalone. Abalone also exhibit a fungal shell mycosis 

(Diggles et al., 2002a; Grindley et al., 1998) as well as the shell boring spionid mud worms 

Polydora spp. and Boccardia spp. (Bower, 2006b; Diggles et al., 2002a) that can be a problem 

in the culture of abalone. Severe cases of mud worm can cause significant shell embrittlement 

(Webb, pers. obs.). In addition to damaging the shell, it can also cause a deterioration of health: 

H. iris infected with Polydora hoplura can be underweight and produce abnormal deposits of 

conchiolin (Diggles & Oliver, 2005). Diggles and Oliver (2005) reported haplosporidia, 

epithelial erosion, rickettsial inclusions in the gut, coccidian-like protozoa in foot epithelium, 

bacterial infection (Bower, 2006a), non-specific necrosis, granuloma-like lesions, haemocytic 

neoplasia like inflammation and gregarines (apicomplexans) in H. iris. In New Zealand, 
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Diggles et al. (2002a) mentioned that except for one type of abalone disease known to affect 

brown lesions within the abalone shell and cause death in severe cases, there is not much 

research on abalone diseases. The disease can also have detrimental effects on economic value 

as it can cause damage to the shells (Grindley et al., 1998), rendering them unsuitable for 

decorative purposes. 

Perkinsus olseni (protozoan parasite) has been a notifiable species to the World Organisation 

for Animal Health (OIE, 2019a). From the top of the South Island, P. olseni has been reported 

in H. iris (OIE, 2017). Although P. olseni has now been confirmed in H. iris, there is no detailed 

information about P. olseni in this species. To fill up this knowledge gap, infection with P. 

olseni and other parasites in H. iris is described in Chapter 2 which is the first detailed 

description of P. olseni along with other pathogens and parasites in New Zealand black-footed 

abalone. While the New Zealand abalone aquaculture industry is relatively free of dangerous 

parasites and pathogens compared to other countries, Perkinsus spp. has potential disease risks 

that need to be monitored and managed. 

 

1.1.5 Summer mortality events and host-pathogen-environment 

interactions in aquaculture species 
In some seasons, pathogen and parasite loads can be extremely high, especially in summer with 

high temperatures, which can cause massive mortalities. Summer mortality events are often 

associated with various types of pathogens, such as viruses (e.g., Ostreid herpesvirus 1) (Alfaro 

et al., 2018; Nguyen et al., 2018a), bacteria (e.g., Vibrio spp.) (Allam & Raftos, 2015), and 

parasites (e.g., protozoans) (Lane et al., 2016). Effects due to rising water temperatures have 

been reported in New Zealand GreenshellÊ mussels (P. canaliculus), where mortalities on 

mussel farms (Nguyen & Alfaro, 2020) and alterations in energy and immune-related metabolic 

pathways were highlighted in unhealthy mussels (Li et al., 2020). 

Summer mortality events are a consequence of complex interactions between pathogens and 

environmental factors and often are associated with temperature increases (Berthelin et al., 

2000) and reproductive cycles (Cheyney et al., 1998). The rise of water temperature in the 

summer season may be responsible for bacterial proliferation in the water, and bacterial 

accumulation in the tissues, leading to stress (Mitta et al., 2000), disease and mortality 

(Gagnaire et al., 2007). Multiple factors, including infections of microbes and parasites, 

environmental stressors and imbalanced immune systems are responsible for creating diseases 

in aquaculture. Disease dynamics are greatly influenced by environmental factors such as 

elevated temperature, salinity, water quality and hydrodynamic forces; and cultivation practices 

such as rearing history, rearing systems and farming sites (Alfaro et al., 2018). Since high 

mortalities of molluscs in both wild harvest and farms have become a frequent phenomenon in 
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recent years; this knowledge gap remains a big challenge for better understanding the complex 

host-pathogen-environment interactions during mortality events and transmission of infection 

to develop the disease management strategies for aquaculture species. 

 

Continuing trends in the environment variables controlled by the global climate change 

motivates researchers to measure environmental and physiological effects with changes in the 

host organism and pathogens (Maynard et al., 2016). Changes in the environment can 

consequence in outcomes that indulgence either host or pathogen, increasing or decreasing 

indigenous infection rates (Danovaro et al., 2011; Burge et al., 2014). High temperature 

increases pathogenicity of numerous marine pathogens (Burge et al., 2014) through increasing 

pathogen metabolism and fitness, it's finally leading to higher transmission rates (Karvonen et 

al., 2010). Temperature is an important factor that affects physiology, behavior and ecology of 

marine organisms. Initially, as the temperature rises, metabolism and energy consumption 

usually increase but can eventually kill marine life (Brauko et al., 2020). Therefore, the effects 

of acute thermal stress on the physiology of mussels have been included in Chapter 6 for better 

understanding their defence system during summer mortality and evaluating the host-pathogen- 

environment interactions. 

 

1.1.6 Immunity of aquaculture species 

The health of marine organisms is uniquely related to their immediate environments. When 

conditions become conducive to reproduction, microorganisms are capable of infecting marine 

life (Ellis, 2001). Due to their filter-feeding behaviour, aquaculture species are constantly being 

exposed to pathogens and parasites from the surrounding water. Therefore, molluscs can 

accumulate many pathogens from the surrounding water. For organisms grown in aquaculture 

environments, they are more likely to come into contact with pathogens, because these 

"controlled environments" generally promote the growth of pathogens (such as bacteria, 

viruses, and fungi). However, under normal conditions and good aquaculture practices, marine 

invertebrates maintain a healthy status by defending themselves against these potential invaders 

using a repertoire of innate defences (Bachère et al., 2004; Schmitt et al., 2012). To cope with 

the challenge of the pathogen-rich marine environment, molluscs have evolved both external 

and internal defence systems. The external defence is made up of several layers of physical or 

mechanical barriers, including the shell and the mucosal layer. The internal defence mainly 

depends on the innate immune system which relies primarily on several significant defence 

processes, including extracellular and intracellular neutralization, melanization, encapsulation, 

apoptosis, phagocytosis, chemotaxis and recognition (Allam & Raftos, 2015). Immune priming 

(memory), which affects molluscs, is the ability to store or re-use the information from a 
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pathogen or parasite encounter to induce an intensified resistance or tolerance to subsequent 

infections (Lafont et al., 2017). This enhanced immune response may increase with re-exposure 

and may result in extreme levels of specificity between hosts and pathogens, and thus host 

protection occurs (Portela et al., 2013). Detailed research is necessary to expand our 

understanding of the mollusc immune system.  

 

1.1.6.1 Bivalve molluscs immune studies  

Bivalves mainly rely on the innate immune system, including cellular and humoral components 

(Song et al., 2010).  Several studies have been conducted to understand the mechanisms 

involved in the innate immune system of marine bivalves, including mussels (Costa et al., 2009; 

Coles & Pipe, 1994; Wootton et al., 2003) and oysters (da Silva et al., 2008; Hégaret et al., 

2003; Lin et al., 2014), clams (Cima et al., 2000; Matozzo & Bailo, 2015; Munari et al., 2011; 

Prado- Alvarez et al., 2012). Perna canaliculus, which is the most important cultivated 

aquaculture species in New Zealand. However, there are few studies on P. canaliculus 

immunity and its cellular and molecular pathways in responses to pathogens (Kesarcodi-

Watson et al., 2009a; Kesarcodi-Watson et al., 2009b). Since high mortalities of P. canaliculus 

in both hatcheries and commercial farms have become a frequent phenomenon in recent years, 

there is an urgent need to perform immunological studies of mussels to understand the disease 

process and consequently the development of management strategies. To fill this knowledge 

gap, haemocyte immune function and the relationship between thermal stress and immunity of 

mussels are presented in Chapters 5 and 6 for better understanding their defence system during 

summer mortality and evaluating the host-pathogen interactions. 

 

1.1.6.2 Gastropod molluscs immune studies 

The immune system of gastropods such as abalone consists of the cellular immune system and 

the humoral response (Hooper et al., 2006). Numerous studies have been performed to 

understand the mechanisms involved in the innate immune system of abalone. These studies 

have focused on cell-mediated responses (Cheng, 1981; Martello & Tjeerdema, 2001; 

Sahaphong et al., 2001; Travers et al., 2008), humoral responses (Cheng, 1981; Vakalia & 

Benkendorff, 2005), and stress responses (Baldwin et al., 1992; Malham et al., 2003; Ryder et 

al., 1994). To defend against infections caused by pathogens, most abalone rely on innate 

immunity (Elvitigala et al., 2013). Observation of the invertebrate immune system offers the 

possibility of some degree of specificity and memory in the immune strategies of abalone 

(Rowley & Powell, 2007). Therefore, more in-depth investigations are needed to clarify how 

the immune system can defend the animal in a pathogen-rich environment. 
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1.1.7 Overview of haemolymph and haemocytes of molluscs 

Haemolymph and the circulating haemocytes are the major components of the immune system 

and have been the focus of most immunological studies in molluscs. Examples of these studies 

include many aquaculture species, such as Mya arenaria (Beckmann et al., 1992), Tapes 

philippinarum (Cima et al., 2000), Ruditapes decussatus (López et al., 1997a), Saccostrea 

glomerata (Aladaileh et al., 2007), Meretrix lusoria and Crassostrea gigas (Chang et al., 2005). 

 

1.1.7.1 Haemolymph components and their roles 

Hemolymph is composed of haemocytes and various humoral defence factors secreted by 

haemocytes that float in the colourless plasma (Allam & Raftos, 2015; Gosling, 2015). 

Respiratory pigment usually absences in the haemolymph because its oxygen concentration is 

equal to or slightly larger than that of seawater (Bayne et al., 1979). The haemolymph is a 

circulatory fluid that plays various significant roles in bivalve physiology, such as internal 

defence, gas exchange, osmoregulation, nutrient distribution, waste elimination and hydrostatic 

pressure, and is used for the structural support of organs including, labial palps, foot and mantle 

edges (Gosling, 2015). 

 

1.1.7.2 Haemocyte classifications and their functions 

Haemocytes are cells circulating in the bloodstream and are primarily responsible for defence 

against pathogens responses within invertebrate organisms (Karp & Coffaro, 1980). 

Haemocytes play significant roles in haemocytosis, phagocytosis, nacrezation and 

encapsulation, but they are also involved in other biological functions, such as wound healing, 

food digestion and transport of nutrients, gonad resorption, shell formation, and secretion of 

humoral factors (Allam & Raftos, 2015; Bachere et al., 2015; Grandiosa et al., 2018). 

Haemocytes are the principal immuno-effector cells that play a key role in the innate immune 

system of molluscs. Changes in total haemocyte counts (THC) in haemolymph are an important 

immunological parameter to evaluate the health state of the host. Alterations in circulating 

haemocytes have shown a common response of molluscs to infections or diseases (Allam et al., 

2000; Jones et al., 1996; Mateo et al., 2009; Nguyen et al., 2018) and environmental stresses 

(Couch, 1985; Hauton et al., 2000; Wedderburn et al., 2000). Flow cytometry (FCM) analyses 

in molluscs have focused on the characterization of haemocyte types, response of haemocytes 

to stress, diseases or toxic agents and diagnosis of diseases (Nguyen & Alfaro, 2019). Assessing 

health parameters of bivalve haemocytes has become a popular tool in aquaculture-based 

studies to assess haemocyte cell viability, cell number and the production of reactive oxygen 

species (ROS) (Nguyen & Alfaro, 2019). 
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Molluscan haemocytes vary greatly from species to species, and there is currently no unified 

nomenclature that applies to haemocytes of all aquaculture species. Generally, bivalve 

haemocytes are divided into two broad categories based on the presence of cytoplasmic 

granules, including granulocytes and agranulocytes (Cheng & Foley, 1975; Cheng, 1981; 

Wootton & Pipe, 2003). These cell types have been observed in many bivalve species including 

the mussels Dreissena polymorpha, Mytilus edulis, Anodonta cygnea, Perna canaliculus 

(Chandurvelan et al., 2013; Giamberini et al., 1996; Pipe et al., 1997; Rolton et al., 2020; 

Soares-da-Silva et al., 2002), the oyster Crassostrea gigas (Allam et al., 2002; Chang et al., 

2005), the clams Ruditapes philippinarum, Mercenaria mercenaria, Meretrix lusoria (Allam et 

al., 2002; Chang et al., 2005) and the peppery furrow shell mollusc Scrobicularia plana 

(Wootton & Pipe, 2003). However, not all haemocyte types are observed in all bivalve species 

(Hine, 1999). Depending on the granular affinity to specific dyes (acidophilic/eosinophilic, 

basophilic and neutrophilic granulocytes), granulocytes are further sub-classified into different 

categories (Bayne et al., 1979; Hine, 1999). Indeed, granulocytes have many cytoplasmic 

granules and are the most abundant cell type. Conversely, hyalinocytes have few or no granules 

and have a hyaline (translucent) cytoplasm (Hine, 1999). Hyalinocytes have been divided into 

two types: small hyalinocytes and large hyalinocytes (Cheng, 1981). Interestingly, granulocytes 

have been rarely observed in the haemolymph of marine gastropods such as abalone (Hooper 

et al., 2007; Nakatsugawa et al., 1999; Travers et al., 2008; Zhengli & Handlinger, 2004). The 

presence of granulocytes in the haemolymph has only been reported in Haliotis asinina 

(Sahaphong et al., 2001). In Haliotis iris, two types of haemocytes were identified, including 

type I (monocyte-like) and type II (lymphocyte-like) cells (Grandiosa et al., 2015). It has been 

suggested that for the haemocytes of marine gastropods, the usual hyalinocytes and 

granulocytes classification might not be appropriate (Martello & Tjeerdema, 2001). 

Haemocytes play an important role and are actively involved in immune defence in innate 

immune responses within invertebrate organisms. Although as part of the internal innate 

immune system, haemocytes act as mediators of cellular defences, various active particles in 

haemolymph secreted by haemocytes are key components of humoral defences (Allam & 

Raftos, 2015; Song et al., 2010). Therefore, haemocytes are the foundation of the bivalve innate 

immune system, and haemocyte-mediated immunity is recognized to be the main internal 

defence mechanism of bivalves (Zannella et al., 2017). In order to gain a deeper understanding 

of this topic, most studies have used the observation of haemocytes as a technique to investigate 

molluscan immunity. Haemocyte morphological distinctions are necessary for a better 

understanding of haemocyte functions and the development of a health assessment system that 

can be used to evaluate immune parameters of aquaculture species. In this contribution, light 

microscopical studies were carried out to characterize the haemocytes of Perna canaliculus, in 

https://www.sciencedirect.com/science/article/pii/S0166445X13002294#bib0050
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order to establish a novel and complete classification scheme for the haemocytes of this species 

to better understand the immune functions of aquaculture species (Chapter 5). 

 

1.1.8 Phagocytosis in defence function of molluscs 
Haemocytes play a key role in phagocytosis, perhaps the most important mechanism of 

molluscs to eliminate pathogens, which is the engulfment of foreign particles (e.g., bacteria, 

algae, cellular debris, protozoan parasites) by haemocytes (Gosling, 2015). Due to the open 

circulatory system of mollusc, haemocytes are freely circulated, and abundant haemocytes have 

been found in peripheral compartments; and these peripheral haemocytes can phagocytise 

foreign particles (Allam & Raftos, 2015). Granulocytes are phagocytic cells, which eliminate 

foreign microorganisms that invade the haemolymph and tissue (Tame et al., 2015). In 

granulocytes, high levels of intracellular enzymes associated with immunological activity allow 

them to kill pathogens after phagocytosis (Gosling, 2015). Phagocytosis is a temperature-

dependent process of bivalve molluscs (Oliver & Fisher, 1999) and phagocytosis can be 

affected by water acidification, increased temperature and changes in salinity (Ellis et al., 2011; 

Matozzo et al., 2012). The growth and sustainability of the aquaculture industry can be 

adversely affected by thermal stress and/or high pathogen loads. To address these health threats, 

it is important to investigate phagocytosis like haemocyte immune function in aquaculture 

species. Phagocytic activity of mussels (P. canaliculus) haemocytes in different seasons is 

included in Chapter 5 to better understand the haemocyte immune function of the mollusc. 

 

1.1.9 Enzyme activity in defence function of molluscs 

Lysosomal enzymes within the haemocytes of molluscs participate in the killing and 

degradation of phagocytosed materials (Cheng, 1975, 1981). Sometimes, to degrade foreign 

materials, lysosomal enzymes are released from haemocytes into the plasma or extracellular 

compartments of other tissues (Mohandas et al., 1985). Acid phosphatase (ACP) is a lysosomal 

marker enzyme that is detected inside cytoplasmic granules of granulocytes and can be taken 

as a reliable tool for the biological assessment of heavy metal pollution (Aladaileh et al., 2007; 

Rajalakshmi & Mohandas, 2005). Phenoloxidase (PO) is a key enzyme involved in 

melanisation, and also serves as an innate defence mechanism in several bivalves (Gerdol et 

al., 2018; Vaillant, 2001). The strong activity of PO and its zymogen form, prophenoloxidase 

(ProPO), has been observed in the haemolymph of different bivalve species (Gerdol et al., 

2018). Enzymatic elimination of antigens in marine molluscs occurs through ACP activity and 

reactive oxygen species (ROS), such as hydrogen peroxide produced by the haemocyte (Tiscar 

& Mosca, 2004). Temperature and salinity changes can affect bivalve defence mechanisms 

involving haemocytes that contain hydrolytic enzymes and produce ROS related to the 

https://www.sciencedirect.com/topics/immunology-and-microbiology/mollusc
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degradation of pathogens (Donaghy et al., 2012; Gagnaire et al., 2006). Therefore, it is vital to 

investigate the enzyme activity of haemocytes for understanding the immune responses of the 

mollusc to pathogens. Research into enzyme activity in defence function of mollusc rarely 

examines in New Zealand aquaculture species and researchers have not treated this topic in 

much detail. To fill up the knowledge gap, a detailed study of ACP and PO enzyme activity 

exposure to endotoxin and acute temperature in defence functions of haemocytes of Perna 

canaliculus was added in Chapter 6 to a better understanding of the mussel immune defence 

system during acute increases in water temperature. 

 

1.1.10 Immunological tissue responses of molluscs 

The inflammatory response after pathogenic infection and/or cell injury is a local defence 

reaction in host tissues (Cone, 2001). An inflammatory tissue response, such as haemocytosis 

(abnormally high number of haemocytes), is an attempt to destroy, dilute or isolate the 

destructive agent and the affected host cells (Sparks, 1972). Accumulation of lipofuscin 

pigment (ceroid material) or brown material-like immunological tissue responses is caused by 

nutritional deficiencies, toxicity, or disease in molluscs which are associated with disturbances 

in the lipid metabolism in several pathological conditions (Zaroogian & Yevich, 1993; Webb 

& Duncan, 2019). However, very few studies have been conducted in New Zealand to evaluate 

immunological tissue responses associated with pathogens in aquaculture species. To fill this 

gap, the detailed studies of immunological tissue responses (haemocytosis and brown 

material/ceroid accumulation) associated with pathogens in abalone, oysters and mussels were 

included in Chapters 2, 3 and 4. 

 

1.1.11 Techniques and approaches to study shellfish pathology 

There are several immunological techniques (e.g., histopathology, haematology, in situ 

hybridization, polymerase chain reaction) and novel approaches (e.g., metabolomics, flow 

cytometry) that can be applied to diagnose pathogens, investigate host-pathogen interactions 

and better understand the immune defence system of shellfish. The combination of these 

techniques is likely to provide more valuable information for elucidating the complex 

mechanisms of disease progression, and how the immune response deals with pathogens and 

remediation in aquatic organisms. 

Histological techniques (microscopic examination of fixed and stained tissue sections) involve 

evaluating tissues for determining the prevalence of parasites and the occurrence of pathologies. 

Moderate to heavy infections with pathogens and parasites are relatively easy to detect by 

histological techniques. The diagnosis of molluscan diseases has primarily been achieved using 
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histological methods and transmission electron microscopy (Anderson et al., 1994; Azevedo et 

al., 1990; Hervio et al., 1996; Howard et al., 2004; Longshaw et al., 2001). Histology provides 

a large amount of information not only on the general health of a shellfish but also the detection 

of a wide range of pathogens, lesions associated with the interaction of the pathogen with the 

immune system of molluscs (Aranguren et al., 2016). However, some parasites are difficult to 

detect in moderate to light infections and measurement of their prevalence or occurrence does 

not give a true indication of the health of an organism (Hervio et al., 1996). To solve this 

problem, histopathological observations can be analysed both quantitatively and semi-

quantitatively which are important approaches for the health assessment of individuals and 

populations of aquatic animals. Pathogens, parasites or tissue inflammation are recorded for 

intensity or abundance or severity using either quantitative or semi-quantitative scales. Most 

parasites are counted quantitatively (Chapters 2, 3 & 4). The abundance of Bonamia ostreae, 

Perkinsus olseni and apicomplexan parasite X (APX) in flat oysters (O. chilensis) and New 

Zealand GreenshellÊ mussels (P. canaliculus) was evaluated with semi-quantitative grading 

scales (Chapters 3 & 4). Tissue inflammation (haemocytosis and ceroid accumulation) and 

abnormal tissue structures (digestive tubule atrophy and gills pathology) were evaluated using 

semi-quantitative scales (light, moderate and high). Quantitative histopathological analysis of 

aquaculture species is a valuable approach for assessing the health of individuals and 

populations and is often applied to investigate the impacts of disease and parasite infestation in 

mussels (Robledo et al., 1994; Svärdh, 1999), providing direct and reliable evidence of cellular 

injury and inflammatory responses. To evaluate the intensity of diseases and parasites, and the 

extent of tissue pathologies, rather than simply prevalence measures, intensity or extent of 

tissue alteration may more reliably correspond to measures of exposure (Ellis et al., 1998). 

Tissue appearance (Quick & Mackin, 1971), histological grading (Bowmer et al., 1991), or 

summation of total parasite load (Wilson-Ormond et al., 2000) are usually considered to better 

assess the health of sampled populations. 

While a considerable amount of information regarding the innate immune system of marine 

invertebrates has been gathered over the years, there are huge gaps in our knowledge, especially 

about the detailed mechanisms of action when invertebrates are exposed to pathogens and the 

development of infections within various tissues. Therefore, it is essential to identify specific 

infection patterns relating to this disease progression. To fill up the knowledge gap, a modified 

grading scale for determining B. ostreae infection levels of oysters, as well as for providing a 

method for investigating B. ostreae disease progression are introduced in Chapter 3 to clarify 

host-parasite interactions, disease development and transmission mechanisms. 

Molecular-based methods or molecular techniques of polymerase chain reaction (PCR) are 

more sensitive than light microscopy-based methods (Diggles et al., 2003; da Silva & Villalba, 
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2004; Flannery et al., 2014). Since, B. exitiosa and B. ostreae are morphologically similar (Lane 

et al., 2016), it is difficult to distinguish the two types of Bonamia spp. through histology 

technique. Moreover, Deoxyribonucleic Acid (DNA) sequencing is a reliable method for 

distinguishing between Bonamia species (Cochennec et al., 2000). Therefore, the Bonamia 

species were confirmed as either B. ostreae or B. exitiosa in New Zealand flat oysters by PCR 

(Chapter 3). 

In situ hybridization (ISH) is an incredible adjunct to traditional histopathology and PCR-based 

diagnosis techniques and it combines advantages of both (Carnegie et al., 2003). Like 

traditional histopathology, ISH reveals the location of the infected tissue and the host response 

and similar to PCR, ISH is specific and highly sensitive. Therefore, successful hybridization of 

ISH offers a distinct phylogenetic confirmation that a specific pathogen is associated with 

specific host tissue (Carnegie et al., 2003). Since degraded or non-viable pathogen DNA may 

create false-positive PCR results and false-negative results, as with histopathology, may occur 

due to sampling errors (Burreson, 2000), the efficacy of ISH exceeds conventional diagnosis 

(Carnegie et al., 2003). Perkinsus infections in histological sections can be confirmed by ISH 

analysis of tissues from histological sections (Moss et al., 2006, 2008; Navas, 2008; Ramilo et 

al., 2015). Moss et al. (2006) confirmed P. olseni infection in Crassostrea ariakensis using the 

ISH assay and both ISH and histology analyses helped to diagnose lesions in gills of Chinese 

oysters for Perkinsus beihaiensis infection (Moss et al., 2008). As ISH is a useful species-

specific assay that can confirm P. olseni detected in the tissues of aquaculture species by 

histology, we used (included in Chapters 2 and 4) ISH assay for the confirmation of P. olseni 

infections in H. iris and P. canaliculus, which is the first ISH-confirmed occurrence of P. olseni 

in New Zealand black-footed abalone (Chapter 2). 

Various criteria or approaches have been used to categorize haemocytes according to their 

morphology, cytochemistry, and function (Wang et al., 2012). Multiple studies have used light 

microscopy (Nakayama, 1997; Wootton et al., 2003) and flow cytometry (Hégaret et al., 2003; 

Xue et al., 2001) to examine the type, structure and function of bivalve haemocytes (Hine, 

1999). A new optimised haemocyte classification scheme for P. canaliculus (Chapter 5) was 

developed using Giemsa-stained hemolymph smears, and in vitro, phagocytosis activity assays 

were applied to measure phagocytosis-like haemocyte immune function. 

The occurrence of several enzymes in shellfish haemocytes was demonstrated by different 

techniques. The staining reactions method is a cytochemical technique carried out for light 

microscopy to identify the number of enzyme reactive haemocytes. Staining reaction 

techniques were used to determine a range of enzymes in aquaculture species by Wootton and 

Pipe (2003), Lopez et al. (1997a), Carballal et al. (1997a). Enzyme staining reaction tests were 

https://www.sciencedirect.com/topics/agricultural-and-biological-sciences/cytochemistry
https://www.sciencedirect.com/science/article/pii/S1050464811003299?casa_token=_3ENHizB4_AAAAAA:0Qo9pNq74lrZdf9nqBcemOMREFUMoKVGPT-xYPKFUi4b4PB-8XYZFlohaKOJm_plY0mLe4xfwMI#!
https://www.sciencedirect.com/topics/agricultural-and-biological-sciences/light-microscopy
https://www.sciencedirect.com/topics/agricultural-and-biological-sciences/light-microscopy
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applied (Chapter 6) for determining the percentages and localization of two marker enzymes 

(acid phosphatase and phenoloxidase) in haemocytes of P. canaliculus. 

Flow cytometry (FCM) is a standard laboratory instrument used for both fundamental and 

applied research in immunological researches, especially for clinical analyses (Cordier, 1986; 

Cossarizza et al., 2017; Fleisher & Oliveira, 2019). The application of FCM has been developed 

to various parameters of molluscan immunology, including cell count and viability, cell types, 

phagocytosis, oxidative stress, apoptosis, DNA and protein content (Nguyen & Alfaro, 2019). 

Haemocyte immune functions, involving total haemocyte count (THC), haemocyte viability 

and reactive oxygen species (ROS) production were investigated by flow cytometry (Chapter 

6). 

 

Metabolomics (a biotechnological approach) is the comprehensive analysis of metabolites in 

biological samples, and it is a rapidly growing field with significant pertinence in aquaculture 

research, such as larval production, nutrition and diet, disease and immunology and post-

harvest quality control (Alfaro & Young, 2018). Metabolomics offers a novel application for 

understanding endogenous metabolic alterations of organisms in all biological activities 

organized by disease or environmental agitation (Klassen et al., 2017). Metabolomics is utilized 

to differentiate endogenous metabolic changes in biological samples under various 

environmental conditions and biomarkers involved in these processes (Nguyen & Alfaro, 

2019). The metabolomics approach has been developed and applied over the past few years in 

aquaculture species in New Zealand and has become a powerful tool to monitor molluscan 

health (Alfaro & Young, 2016; Nguyen & Alfaro, 2019; Young et al., 2016). To this end, 

metabolomics (gas chromatography-mass spectrometry-based) of P. canaliculus exposed to 

endotoxin and acute thermal stressors were applied (Chapter 6) to investigate the changes of 

metabolites in mussel haemocytes. 

 

1.2 Thesis Aims 

This study was conducted to gain information and fill knowledge gaps about the histopathology 

of New Zealand shellfish and their immune defence system. This thesis aims to assess the health 

condition of New Zealand aquaculture species and to investigate their defence functions and 

disease susceptibility/resistance. The thesis objectives are to identify different pathogens and 

parasites in New Zealand GreenshellÊ mussels, New Zealand black-footed abalone/pǕua and 

flat oysters and to evaluate immunological tissue responses associated with pathogens, to 

understand the patterns of disease progression that may help elucidate host-parasite interactions 

and transmission of infections, and to investigate the individual and combined effects of acute 

thermal stress and endotoxin exposure on immunological responses to better understand the 
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immune defence system. This research will contribute to disease management strategies for the 

wild and farmed shellfish aquaculture industries in New Zealand and overseas. 

    

1.3 Thesis Structure 

 

 

 

Figure 1. 3  Thesis structure. 

 

To achieve the aims of this thesis, seven chapters are included. Chapters 1 and 7 are the general 

introduction, and final discussion and conclusions, respectively. Description from Chapter 2 

through 6 are as follows: 

 

Chapter 2 (Case study 1): Occurrence of Perkinsus olseni and other parasites in New 

Zealand black-footed abalone (Haliotis iris) 

Objectives i) To identify, confirm and characterise the main parasites including Perkinsus 

olseni of farmed New Zealand black-footed abalone (Haliotis iris). 

ii) To describe pathological conditions and severity of inflammatory responses such as the 

proliferation of haemocytes and ceroid material in different tissues of H. iris. 
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ii i) To investigate the relationship between the health status (gross appearance of healthy and 

unhealthy abalone) and the presence or absence of parasites. 

 

Chapter 3 (Case study 2): Bonamia ostreae (Haplosporidia) and other parasites in New 

Zealand flat oysters (Ostrea chilensis): a histopathological study 

Objectives 

i) To determine the presence of Bonamia ostreae (and other parasites) in different tissues of 

New Zealand flat oysters (Ostrea chilensis). 

ii) To clarify the patterns of disease progression (from a mild infection to a systemic infection) 

through the individual tissue grading for B. ostreae infections within oysters. 

 

Chapter 4 (Case study 3): Perkinsus olseni and other parasites and abnormal tissue 

structures in New Zealand GreenshellÊ mussels (Perna canaliculus) across different 

seasons 

Objectives 

i) To identify the pathogens and parasites and their seasonal variations in New Zealand 

GreenshellÊ mussels through histopathological technique. 

ii) To determine the prevalence and abundance of parasites (e.g., Perkinsus olseni, APX) in 

different tissues of mussels across different seasons. 

 iii) To study inflammatory tissue responses (haemocytosis, ceroid material) and abnormal 

tissue structures (gill pathology and digestive tubule pathology) of mussels. 

 

Chapter 5 (Case study 4): Characterization of mussel (Perna canaliculus) haemocytes and 

their phagocytic activity across seasons 

Objectives  

i) To develop a new optimised classification scheme for Perna canaliculus haemocytes to 

assess mussel health. 

ii) To quantify different types of haemocytes of mussels and to compare their haemocyte 

profiles within different levels of Vibrio-like bacterial association. 

iii) To better understand the immune function of haemocytes in P. canaliculus through in vitro 

phagocytosis activity assays over the seasons. 
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Chapter 6 (Case study 5): Acute thermal stress and endotoxin exposure modulate 

metabolism and immunity in marine mussels (Perna canaliculus) 

Objectives 

i) To identify and determine the percentages of marker enzymes (acid phosphatase and 

phenoloxidase) in haemocytes of Perna canaliculus exposed to two stressors: 1) endotoxin 

exposure (lipopolysaccharide) and 2) thermal stress (26ÁC vs 15ęC) by enzyme staining reaction 

tests. 

ii) To study the cell viability, total haemocyte count (THC), reactive oxygen species (ROS) 

production of P. canaliculus exposed to 1) endotoxin exposure (lipopolysaccharide) and 2) 

thermal stress (26ÁC vs 15ęC) using flow cytometry. 

iii) To inspect the changes of metabolites in haemocytes of P. canaliculus exposed to 1) 

endotoxin exposure (lipopolysaccharide) and 2) thermal stress (26ÁC vs 15ęC) utilizing gas 

chromatography-mass spectrometry-based metabolomics. 

iv) To investigate the individual and combined effects of acute thermal stress and endotoxin 

exposure on the survival of P. canaliculus. 

  

1.4 Research Outputs 

1.4.1 Peer-reviewed papers 

Published 

1. Muznebin, F., Alfaro, A. C., & Webb, S. C. (2021). Occurrence of Perkinsus olseni and other 

parasites in New Zealand black-footed abalone (Haliotis iris). New Zealand Journal of Marine 

and Freshwater Research, 1-21. https://doi.org/10.1080/00288330.2021.1984950 

2. Muznebin, F., Alfaro, A. C., Webb, S. C., & Merien, F. (2022). Characterization of mussel 

(Perna canaliculus) haemocytes and their phagocytic activity across seasons. Aquaculture 

Research. https://doi.org/10.1111/are.15926 

 

Revised 

1. Farhana Muznebin, Andrea C. Alfaro, Leonie Venter & Tim Young. Acute thermal stress 

and endotoxin exposure modulate metabolism and immunity in marine mussels (Perna 

canaliculus). Journal of Thermal Biology. 

 

https://doi.org/10.1080/00288330.2021.1984950
https://doi.org/10.1111/are.15926
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2. Farhana Muznebin, Andrea C. Alfaro & Stephen C. Webb. Perkinsus olseni and other 

parasites in New Zealand GreenshellÊ mussels (Perna canaliculus) across different seasons. 

Journal of Aquaculture International. 

 

In  preparation 

1. Farhana Muznebin, Andrea C. Alfaro, Stephen C. Webb, Anne Rolton & Zoë Hilton. 

Bonamia ostreae (Haplosporidia) and other parasites in New Zealand flat oysters (Ostrea 

chilensis): a histopathological study. 

 

1.4.2 Presentations at Conferences and Symposiums 

Poster presentations (first or main author)  

1. Muznebin, F., Alfaro, A. C. & Webb, S. C. (2021, September). Occurrence of Perkinsus 

olseni and other parasites in New Zealand black-footed abalone (Haliotis iris). Poster session 

presented at the Physiomar & Australia New Zealand Marine Biotechnology Society Joint 

Conference, Nelson, New Zealand. 

2. Muznebin, F., Alfaro, A. C. & Webb, S. C. (2021, July). Occurrence of Perkinsus olseni and 

other parasites in New Zealand black-footed abalone (Haliotis iris). Poster session presented at 

the New Zealand Marine Sciences Society Conference, Tauranga, New Zealand. 

3. Muznebin, F., Alfaro, A. C., Webb, S. C., Rolton, A. & Hilton, Z. (2019, October). Infection 

intensity and disease progression of Bonamia parasites in New Zealand flat oysters (Ostrea 

chilensis). Poster session presented at the New Zealand Society for Parasitology (NZSP) 

Conference, Dunedin, New Zealand. 

4. Muznebin, F. (2019, August). Infection of Bonamia parasites in New Zealand flat oysters 

(Ostrea chilensis). Poster session presented at the Auckland University of Technology 

Postgraduate Research Symposium, Auckland, New Zealand. 

5. Muznebin, F., Alfaro, A. C. & Webb, S. C. (2018, October). Parasites and pathogens of 

cultured pǕua (Haliotis iris) in New Zealand. Poster session presented at the New Zealand 

Society for Parasitology Conference, (NZSP) Palmerston North, New Zealand. 

 

Oral presentation (first or main author)  
1. Muznebin, F. (2018, August). A histopathological study of New Zealand black-footed 

abalone (Haliotis iris). Paper presented at the Auckland University of Technology Postgraduate 

Research Symposium, Auckland, New Zealand. 
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Oral presentation (presented by co-author) 

1. Hilton, Z., Rolton, A., Muznebin, F., Webb, S. C., Fidler, A. & Alfaro, A. C (2021, 

September). The impact of the exotic pathogen Bonamia ostreae on the NZ native flat oyster 

(Ostrea chilensis), and potential for selective breeding for resilience. Paper presented at the 

Physiomar & Australia New Zealand Marine Biotechnology Society Joint Conference, Nelson, 

New Zealand. 

 

 

1.4.3 Scholarship/Award/Travel grants 

1) April 2017: New Zealand Commonwealth Doctoral Scholarship by New Zealand Ministry 

of Foreign Affairs and Trade. 

2) The best poster presentation award at the New Zealand Society for Parasitology (NZSP) 

Conference, Dunedin, 2019. 

 

3) Conference grant (500 NZ$) to attend the New Zealand Society for Parasitology Conference 

(NZSP), Dunedin, 2019. 

 

4) Conference grant (500 NZ$) to attend the New Zealand Society for Parasitology Conference, 

(NZSP) Palmerston North, 2018. 
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Chapter 2 

Occurrence of Perkinsus olseni and 

other parasites in New Zealand black-

footed abalone (Haliotis iris) 

 

 

              New Zealand black-footed abalone (Haliotis iris) 

 

Muznebin, F., Alfaro, A. C., & Webb, S. C. (2021). Occurrence of Perkinsus olseni and 

other parasites in New Zealand black-footed abalone (Haliotis iris). New Zealand 

Journal of Marine and Freshwater Research, 1-21. 

https://doi.org/10.1080/00288330.2021.1984950 

https://doi.org/10.1080/00288330.2021.1984950
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Abstract:  The culture of endemic New Zealand black-footed abalone (Haliotis iris) 

represents a growing aquaculture industry, which is potentially threatened by pathogens and 

parasites. To identify and characterise health risks, a targeted sampling event was conducted of 

healthy- and unhealthy-looking abalone (shell deformities, tissue damage and brown creamy 

substance/fluid in tissues) at a land-based farm. Histological analysis showed signs of ill health, 

including disrupted and swollen gills with haemocytosis, ceroid material and parasites, and 

muscle tissues with focal haemocytosis with parasites. For the first time in H. iris, detailed 

histological observations, followed by confirmatory in situ hybridization (ISH) resulted in the 

identification of Perkinsus olseni (5% prevalence). Scyphidia-like ciliates (56%), Sphenophrya-

like ciliates (55%), unidentified disintegrated ciliates (26%), intracellular bacterial 

microcolonies (IMCs) (9%), apicomplexan-like cells (1%) and bacteria (2%) were also 

identified across organs. There was a significant association between presence of P. olseni and 

IMCs. Immunological tissue responses (haemocytosis and ceroid material) and gill pathology 

were evaluated semi-quantitatively, and were significantly associated with P. olseni. Gross 

abalone appearance was also significantly associated with P. olseni and unidentified 

disintegrated ciliates. These findings indicate the types of pathogens and parasites found in 

cultured H. iris for future health assessment studies of this important aquaculture species. 
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2.1 Introduction 
Abalone are haliotid gastropods of increasing importance in the global aquaculture sector. 

While they are found throughout the world, the New Zealand black-footed abalone (Haliotis 

iris) is endemic to this country. This species supports a growing aquaculture industry 

(production of 60 mt in 2016/17) as well as commercial and recreational fisheries (Cook, 2019; 

Diggles et al., 2002a; Reece & Stokes, 2003). Like most wild and cultivated molluscs, abalone 

are susceptible to pathogens and parasites, but there are few published studies that focus on 

their characterisation and health effects (Diggles & Oliver, 2005). Of specific concern is a 

renewed interest in the study of the alveolate protozoan parasite Perkinsus olseni and other 

protozoan parasites that affect wild and cultured abalones (Handlinger et al., 2006; Liggins & 

Upston, 2010; Mouton & Gummow, 2011). 

Members of the Perkinsus genus are well-known causes of disease and production loss in 

aquaculture across their wide global distribution and host range (Choi & Park, 2010; OIE, 

2019b). Seven species of Perkinsus are now documented: P. beihaiensis (Moss et al., 2008), P. 

chesapeaki (McLaughlin et al., 2000), P. honshuensis (Dungan & Reece, 2006), P. marinus 

(Mackin et al., 1950), P. mediterraneus (Casas et al., 2008), P. olseni (Lester & Davis, 1981) 

and P. qugwadii (Blackbourn et al., 1998). Two species (P. marinus and P. olseni) are notiýable 

to the World Organisation for Animal Health (OIE, 2019a). With regard to other abalone 

species, P. olseni has been associated with massive mortalities and signiýcant economic losses 

in H. rubra in NSW, Australia in the 1980s (Liggins & Upston, 2010). Perkinsus infections 

have also been detected in H. rubra, H. laevigata and H. cyclobates in South Australia (Goggin 

& Lester, 1995). However, information on P. olseni in New Zealand is limited, especially with 

regards to its effects on H. iris within wild and cultured populations, which are economically 

important. To date, P. olseni has been reported in bivalves, including the clams Austrovenus 

stutchburyi, Macomona liliana, Barbatia novaezelandia and Paphies australis in northern New 

Zealand (Diggles et al., 2002a). From the top of the South Island of New Zealand, P. olseni has 

been reported in abalone (H. iris), scallops (Pecten novaezelandiae) and mussels (Perna 

canaliculus) and confirmed by histopathology and Ray's fluid thioglycollate medium (RFTM) 

assays (OIE, 2017). Although P. olseni has now been reported in H. iris, detailed observations 

and characterisation are lacking, as well as detection and confirmation using species-specific 

in situ hybridisation (ISH) assays. 

Previous studies on New Zealand abalone have resulted in the identification of a range of 

disorders and pathologies. Diggles & Oliver (2005) documented haplosporidia, epithelial 

erosion, and rickettsia-like organisms (RLOs) (now referred to as intracellular microcolonies 

of bacteria [IMCs] by Cano et al., 2020) in the gut and protozoa in the foot epithelium of H. 

iris. Diggles and Oliver (2005) also observed mud worms (Polydora hoplura), bacterial 
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infections, non-specific necrosis, abnormal deposits of conchiolin along with shell damage, 

granuloma-like lesions and haemocytic neoplasia-like cell proliferation and gregarines in H. 

iris. In addition, Diggles et al. (2002a) noted a pustule disease (light coloured, sometimes 

yellowish pustules or abscesses) caused by Vibrio bacteria on the base of the foot of H. iris. 

Shell-related pathologies, include shell-boring spionid mud worms (Polydora websteri and P. 

hoplura) and Boccardia spp. (B. acus, B. knoxi, and B. chilensis) which are involved in shell 

blistering (mud blisters), burrows within the shell structure and brittle shell (Diggles et al., 

2002a), endobiont sponges and polychaetes (Dunphy & Wells, 2001) and shell mycosis (disease 

associated with an opportunistic fungal infection) have been observed in H. iris, and in some 

cases result in shell loss (Grindley et al., 1998). 

Pathogens and parasites, as well as other foreign agents (e.g., inorganic particles, 

contaminants), may trigger inflammation processes, which result from the accumulation of 

large numbers of haemocytes (immune-effector cells) around the damaged or affected areas to 

destroy or mitigate the intrusion (Darriba Couñago, 2017). Such inflammations have been 

noticed in tissues of H. iris after infection with haplosporidian parasites (Diggles et al., 2002b), 

and shell lesions (Nollens et al., 2004). Other studies have investigated the inflammation 

process by characterising the immune response or haemocytosis (high number of haemocytes 

in tissues) in H. iris (Grandiosa et al., 2016; Nollens et al., 2004), but information on this 

process remains limited. Another inflammatory tissue response is ceroid material accumulation 

in tissues, which is observed as brownish-yellow pigment caused by nutritional deficiencies, 

toxicity, or disease stemming from several pathological conditions (Webb & Duncan, 2019; 

Zaroogian & Yevich, 1993). Although the presence of yellow pigment or ceroid was reported 

in the oyster Crassostrea virginica (Mackin, 1951) and Mediterranean clam Ruditapes 

semidecussatus (Sagristà et al., 1995) and GreenshellTM mussel Perna canaliculus (Webb & 

Duncan, 2019), such tissue-specific immune responses are not well-characterised in New 

Zealand black-footed abalone (Haliotis iris). Therefore, characterisation of the immunological 

tissue responses, which can be useful warning signs for the diagnosis of ill health may require 

further investigation. 

To fill the knowledge gap, a sampling snapshot of healthy- and unhealthy-looking abalone was 

conducted at one land-based farm to identify, characterise and quantify the main pathogens and 

parasites and their infections in different tissues of farmed abalone (H. iris), using 

histopathological techniques and ISH assays for confirmation of P. olseni. Moreover, the 

severity of immune host responses, such as haemocytosis and ceroid material accumulation was 

assessed with regards to pathogen presence. The relationship between the health status (gross 

appearance of healthy and unhealthy abalone) and the presence or absence of parasites was also 

investigated. 
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2.2 Materials and Methods 

2.2.1 Sample collection and preparation 
A total of 86 adult abalone (shell size ranging from 51 to 97 mm, mean±SE of 66.5±7.0 mm) 

were collected from Moana Blue Abalone Ltd. (Ruakaka, New Zealand) in August (austral 

winter season) 2017. The culture water was maintained at a temperature of ± 15°C, salinity of 

35 ppt, pH 8.0, and a dissolved oxygen content above 7.0 mg L-1. Gross appearance (criteria 

by which live abalone were determined as healthy or unhealthy) of samples showed unhealthy 

animals (n = 27) with a brown creamy substance or fluid or pustules (Fig. 2.1A), damaged and 

abnormal tissues or spongy (Fig. 2.1B), nodules (Fig. 2.1C & D), shell deformities (Fig. 2.1E-

H), and healthy animals (n = 59) with normal-appearing tissue and shell structures. 

 

Figure 2.1 Gross appearance of Haliotis iris showing (A) brown creamy substance/fluid (pus),  

                   (B) abnormal tissue (spongy), (C) and (D) abnormal tissue with nodules on foot,  

                   (E)-(G) shell deformities (scars and damage), (H) infestation of spirorbid worms  

                   (commensals) on the shell. 

 

All samples were transported to the Auckland University of Technology (AUT) in a container 

that was kept cool with ice packs that were not in direct contact with the animals. 

 

2.2.2 Histology 
On arrival at the AUT laboratory, specimens (86 abalone) were dissected on the same day, and 

2ï5 mm thick slices containing different tissues and organs (e.g., gills, foot, mantle, gonad, 

digestive gland, esophageal pouch) were placed in histological cassettes (two cassettes per 

animal) before fixation (Howard et al., 2004), followed by standard histological processing 

(OIE, 2016). Samples were fixed in Davidsonôs solution (48 h), then stored in 70% ethanol and 

processed for paraffin histology (Luna, 1968). Sections of 5 ɛm were obtained using a 
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microtome. Deparaffinised, 5 µm sections were stained with hematoxylin and eosin (H&E) 

stains. DPX mountant was used to seal glass coverslips over the sections. 

2.2.3 In-situ hybridization (ISH) 
ISH was used to corroborate Perkinsus infections for the 4 abalone in which Perkinsus was 

encountered during histological assessment. ISH analyses were conducted at the Animal Health 

Laboratory, Wallaceville, Upper Hutt, New Zealand. Sections of wax-embedded blocks 

corresponding to histological slides showing Perkinsus infections were used for ISH. Tissue 

sections of 5 ɛm in thickness, each on silane-prepÊ slides (Sigma-Aldrich, France), were 

dewaxed in two changes of xylene for 5 min and 2 min and rehydrated in a descending alcohol 

series. Subsequently, the sections were rinsed in distilled water for 1 min and then in phosphate-

buffered saline (PBS) for 1 min. The sections were treated with 100 ɛl proteinase K 

(concentration of 100 ɛg/ml) for 15 min at 37ÁC, washed in 1% glycine in PBS for 5 min and 

briefly air-dried at room temperature before pre-hybridization. Sections were then incubated at 

42ÁC for 30 min with 100 ɛl of pre-hybridization buffer containing 10 ɛl of digoxigenin (DIG)-

labelled probes (Eurogentec). A DIG-labelled ISH probe (10ɛl) was prepared using the DIG 

PCR probe synthesis kit (Roche). A DIG-labelled probe was generated using the PCR primers 

Pols140F (5' GAC CGC CTT AAC GGG CCG TGT T 3') and PolsITS-600R (5' GGR CTT 

GCG AGC ATC CAA AG 3') (Moss et al., 2006). The DIG-labelled probe was used at a 

concentration of 5 ng/µl. A no-probe control (25 µl of hybridization buffer only) was included 

with each experiment. Target DNA and DIG-labelled probes were denatured at 95°C for 5 min 

and the hybridization was carried out overnight at 42°C. The next day sections were washed in 

2×SSC at RT (2×5 min), in 0.75×SSC at 42 °C (10 min) and in solution 1 (100 ml maleic acid 

buffer, 205g NaCl, pH 7.5) for 5 min at RT. Tissues were then blocked for 30 min at RT with 

100 ɛl blocking solution 1. Specifically, bound probe was detected using 100 µl anti DIG 

conjugate in blocking solution (2 h, RT).Washed with Solution 1, 2×1 min and equilibrated 

with detection buffer (solution 2) for 2 min at RT. Slides were incubated for 1 h at RT in 

NBT/BCIP, a chromogenic substrate for alkaline phosphatase, diluted in Solution 2 (100 ɛl) in 

the dark by covering humid chamber with foil. The reaction was stopped by rinsed briefly in 

distilled water (10ï15 dips) and briefly in 1×PBS two times. Slides were counterstained for 1 

min with Bismarck brown (0.5%), dehydrated with ethanol (96% ethanol 2×1 min and Absolute 

ethanol 3×15s) and cleared with xylene 3×15s, mounted with a drop of Eukitt resin and cover 

slipped. 

Controls for each Perkinsus olseni species-specific probe were tested in the same manner 

except that they received hybridization buffer lacking probe during the hybridization step. 

Positive controls were tissue sections from susceptible host (H. iris) infected with P. olseni and 

negative controls were no-probe assays. 
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2.2.4 Microscopic observations 
Prepared histological slides were examined under the microscope using 4× and 10× objectives. 

If any tissue needed to be examined more closely, 40× and 100× objectives were used to 

identify suspected pathogens and parasites. Images were taken from histological slides using a 

Leica DM2000 microscope. 

 

2.2.5 Epidemiological parameters and data analysis 
Prevalence and mean intensity of pathogens and parasites were calculated according to Bush et 

al., (1997). 

ἜἺἭἾἩἴἭἶἫἭ 
.ÕÍÂÅÒ ÏÆ ÈÏÓÔÓ ÉÎÆÅÃÔÅÄ ×ÉÔÈ Á ÐÁÒÔÉÃÕÌÁÒ ÓÐÅÃÉÅÓ

4ÏÔÁÌ ÎÕÍÂÅÒ ÏÆ ÓÁÍÐÌÅÓ ÅØÁÍÉÎÅÄ
ρππ 

 

ἙἭἩἶ ἱἶἼἭἶἻἱἼὁ
4ÏÔÁÌ ÎÕÍÂÅÒ ÏÆ ÐÁÒÁÓÉÔÅÓ ÏÆ Á ÐÁÒÔÉÃÕÌÁÒ ÓÐÅÃÉÅÓ

.ÕÍÂÅÒ ÏÆ ÈÏÓÔÓ ÉÎÆÅÃÔÅÄ ×ÉÔÈ ÔÈÁÔ ÐÁÒÁÓÉÔÅ
 

 

Prevalence was calculated quantitatively as the percentage of the sample population showing a 

given condition. Mean intensity was calculated quantitatively as the total number of parasites 

of a particular species in each individual or specified organ or thin section of the entire animal 

divided by the number of hosts/samples infected with that parasite. Pathogens and parasites, 

including Perkinsus olseni, ciliates (Scyphidia-like, Sphenophrya-like and unidentified 

disintegrated) and intracellular microcolonies of bacteria (IMCs) were counted from different 

tissues (gills, muscle, digestive gland and esophageal pouch) to calculate their prevalence and 

mean intensity. One histological section per animal was used for histopathological evaluation. 

Pathogens and parasites were counted across the entire slide after a thorough examination. 

Host responses were evaluated semi-quantitatively with a grading scale (light, moderate and 

heavy) modified from Hine (2002a) representing the severity of inflammation features 

(haemocytosis and ceroid material) in an animal, organ, tissue or histological section (Table 

2.1). 

Several tissue conditions were also assessed semi-quantitatively. A grading scale (1-4) was 

applied for evaluating gill pathology (normal gills without ceroid material and parasites, gills 

with ceroid material and parasites, disrupted gills with ceroid material and ciliate parasites, and 

without haemocytosis, and swollen gills with haemocytosis and Perkinsus) (Table 2.2). 
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Table 2.1   Semi-quantitative grading scale for the severity of haemocytes and ceroid material  

                   occurrence. See the figures below for visual grading.  

Inflammatory lesions Score Description 

 

 

 

 

 

 

Haemocytosis 

1 Light haemocytosis: (H1), few (< 30) haemocytes per field 

at 40× magnification (Fig. 2.2A) 

2 Moderate haemocytosis: (H2), medium number (31-200) 

of haemocytes per field at 40× magnification (Fig. 2.2B) 

3 Heavy with diffuse haemocytosis: (H3), haemocytes (> 

200-500 per field at 40× magnification) are distributed 

broadly over a large section of tissue without a clear centre 

or focal point of highest haemocyte concentration (Fig. 

2.2C) 

4 Heavy with focal haemocytosis: (H4), a more intense type 

of haemocytosis with marked centres or focal points of 

haemocyte (>500 per field at 40× magnification) 

concentration (Fig. 2.2D) 

 

 

 

Ceroid material 

1 Light ceroid material: (C1), low concentration of ceroid 

material (Fig. 2.3A) 

2 Moderate ceroid material: (C2), medium concentration of 

ceroid material (Fig. 2.3B) 

3 Heavy occurrence of ceroid material: (C3), (Fig. 2.3C) 

 

Table 2. 2 Grading scale for gill pathology.  

Score Description 

1 Normal gills without ceroid material and parasites (G1) (Fig. 2.4A) 

2 Gills with ceroid material and ciliate parasites (G2) (Fig. 2.4B) 

3 Disrupted (showing areas of destruction) gills with ceroid material and ciliate 

parasites, and without haemocytosis (G3) (Fig. 2.4C) 

4 Swollen gills with haemocytosis and Perkinsus olseni (G4) (Fig. 2.4D) 
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Figure 2.2 Grading scale for the occurrence of haemocytes in muscle tissues according to  

                      Table 2.1 (A) grade 1-light haemocytosis (H1), (B) grade 2-moderate  

                      haemocytosis (H2), (C) grade 3-heavy with diffuse haemocytosis (H3) and (D)  

                      grade 4- heavy with focal haemocytosis (H4). Scale bars in (A-C) = 30 µm and  

                      in (D) = 25 µm. 

 

 

Figure 2.3 Grading scale for the occurrence of ceroid material (arrows) in muscle  

                        tissues according to Table 2.1 (A) grade 1-light ceroid material (C1), (B)  

                        grade 2-moderate ceroid material (C2) and (C) grade 3-heavy ceroid material  

                        (C3). Scale bars = 30 µm. 
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Figure 2.4 Grading scale for gill pathology according to Table 2.2 (A) grade 1- normal  

                      without ceroid material and parasites (G1), (B) grade 2- gills with ceroid material  

                      (green arrow) and ciliate parasites (black arrows) (G2), (C) grade 3- disrupted  

                      (showing areas of destruction) gills (black arrows) with ceroid materials (green  

                      arrow) and ciliate parasites (blue arrow), and without haemocytosis (G3) and (D)  

                      grade 4- swollen gills with haemocytosis (blue arrows) and Perkinsus olseni  

                      (black arrow) (G4). Scale bars = 30 µm. 

 

2.2.6 Statistical analyses 
Chi-square tests were used to identify associations between the health status (gross appearance 

of healthy and unhealthy abalone) and presence or absence of parasites, and the association 

between pathogens/parasites and presence or absence of P. olseni. These tests were performed 

using IBMs SPSSs Statistics software (version 23). 

 

2.3 Results  

2.3.1 Prevalence and mean intensity of pathogens and parasites  
A number of pathogens and parasites, including Perkinsus olseni, Scyphidia-like ciliates, 

Sphenophrya-like ciliates, unidentified disintegrating (dead/dying) ciliates, intracellular 

microcolonies of bacteria (IMCs), apicomplexan-like cells and bacteria were observed in 

different tissues and organs (Table 2.3) of 86 abalone. Prevalence and mean intensity of 
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parasites varied greatly from one host organ to another (Table 2.4). Since this mean intensity is 

only from a part of the surveyed individual, organ or tissue, it is, therefore, indicative and 

comparative rather than an absolute value. Sphenophrya-like ciliates and Scyphidia-like ciliates 

had the highest overall prevalence (55 and 56%, respectively) and mean intensity (39±3.8 and 

30±2.8, respectively), and infected host number (n = 47 and 48, respectively) and were observed 

in gills (infected host number = 42 and 44, respectively), oesophageal pouch (infected host 

number = 5 and 7, respectively), and muscle tissues (infected host number = 4 and 5, 

respectively). The prevalence, mean intensity of abalone infected with P. olseni was 5% (n = 

4) and 18.5±0.6, respectively, and these protozoa were distributed in a variety of organs, but 

mainly in gills (infected host number = 2) and foot muscle (infected host number = 3). 

Dead/dying ciliates had a prevalence and mean intensity of 26% (n = 22) and 3.5±0.2, 

respectively, and were noted in gills (infected host number = 19), oesophageal pouch (infected 

host number = 3), and muscle tissues (infected host number = 1). Their poor condition rendered 

them unidentifiable. Unidentified structures appearing in vacuoles within the intestinal 

epithelium that could correspond to apicomplexan-like were also found with a prevalence of 

only 1%. Intracellular microcolonies of bacteria (IMCs) (prevalence of 9%, n = 8 and mean 

intensity of 21.3±1.0) were observed in a variety of organs, such as gills (infected host number 

= 1), muscle (infected host number = 1), digestive gland (infected host number = 5) and the 

oesophageal pouch (infected host number = 3) of abalone. 

A Chi-square test indicated a significant association (p = 0.042) between abalone infected with 

P. olseni and IMCs (Table 2.A.1 in the Appendix). Rod-shaped bacteria (2%) commonly 

occurred on epithelial surfaces of gills, mantle cavity, and organ surfaces within the body 

cavity. 

  

Table 2.3 Overall prevalence and mean intensity (±SE) index of parasites in abalone. 

Parasite type Prevalence %  Mean intensity±SE 

Perkinsus olseni 5% 18.5±0.6 

 

Scyphidia ciliates 56% 30±2.8 

 

Sphenophrya ciliates 55% 39±3.8 

 

Unidentified disintegrated ciliates 26% 3.5±0.2 

 

Intracellular microcolonies of bacteria 

(IMCs) 

9% 21.3±1.0 

 

 

 



 

37 
 

Table 2.4   Prevalence and mean intensity (±SE) of parasites in different tissues and organs of  

                   abalone. 

Parasite  

type 

                                                                    Organ names 

Gills Muscle Digestive gland Esophageal pouch 

Prevalen

ce % 

Mean 

intensity±

SE 

Prevalen

ce % 

Mean 

intensity±

SE 

Prevalen

ce % 

Mean 

intensity±

SE 

Prevalen

ce % 

Mean 

intensity±

SE 

Perkinsus 

olseni 

2.33 % 8±0.2 

 

3.5 % 19.3±0.5 0 % 0±0 0 % 0±0 

Scyphidia 

ciliates 

51.2 % 28.3±2.6 5.8 % 3.4±0.1 

 

0 % 0±0 8.1 % 26±1.1 

 

Sphenophrya 

ciliates 

50 % 40±3.4 

 

4.7 % 3±0.1 

 

0 % 0±0 5.8 % 22±0.6 

 

Unidentified 

disintegrated 

ciliates 

22.1 % 4±0.2 

 

1.2 % 1±0.01 

 

0 % 0±0 3.5 % 3±0.1 

 

Intracellular 

microcolonies 

of bacteria  

1.2 % 45±0.5 

 

1.2 % 3±0.04 

 

5.8 % 14.4±0.4 

 

2.3 % 25±0.4 

 

 

 

2.3.2 Observations of pathogens and parasites 

2.3.2.1 Perkinsus olseni 
Perkinsus olseni (Fig. 2.5A-D) is a dinoflagellate-like protozoan parasite. Perkinsus 

trophozoites commonly occur in gills, digestive glands, mantle and gonadal connective tissues. 

Single or multiple trophozoites (Fig. 2.5A-D) of P. olseni were observed in the swollen 

(swelling consists mostly of haemocytes) blood space of gills and the connective tissues of 

mantle tissues of H. iris. Spherical trophozoites (8ï13 ɛm diameter) exhibited the characteristic 

signet ring shape with an eccentric nucleus and a large vacuole occupying most cytoplasm and 

containing vacuoplast (Fig. 2.5A-D). Trophozoites were also observed as a cluster of cells of 

up to 10-20 sibling daughter cells that stay together in a rosette-like arrangement inside a wall 

(Fig. 2.5C & D). 
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Figure 2.5  Perkinsus olseni in histological sections from infected abalone (H. iris) gills and  

                       mantle tissue, (A) vacuolated signetȤring trophozoite of P. olseni with eccentric  

                       prominent nuclei (black arrows) inside swollen gill, (B) single vacuolated signetȤ 
                       ring trophozoite (black arrow) of P. olseni with prominent eccentric nucleus and  

                       a large vacuole containing vacuoplast (green arrow) inside swollen gill, (C) and  

                       (D) vacuolated (containing vacuoplast) (green arrows) sibling daughter  

                       trophozoites (blue arrows) of P. olseni and trophozoite stage with rosette-like  

                       arrangement (orange arrow) inside a wall in mantle tissue. Scale bars = 20 µm. 

 

2.3.2.2 Specificity test of Perkinsus olseni by ISH 

The digoxigenin-labelled probes (species-specific ISH assay) demonstrated hybridization to P. 

olseni cells in all the tissue sections (gills, mantle and foot) as blue staining (Fig. 2.6A & B) 

and all controls performed as expected. No hybridization of parasite cells of other species was 

observed. No probe labelling was detected within slides that had been incubated either in the 

absence of the probe nor from the negative control tissue sections (Fig. not shown). 
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Figure 2.6 (A) and (B) In situ hybridization detection (blue staining) (black arrows) of P.  

                     olseni vegetative cells in tissue sections of H. iris. Scale bars = 20 µm. 

 

2.3.2.3 Ciliates 

Sphenophrya- like and Scyphidia-like free-living ectocommensal ciliates (Fig. 2.7A & B) were 

found in gills, oesophageal pouch, and muscle tissues of abalone. Large numbers of ciliates 

appear without any adverse effect on the host, and there are no reports of mortalities associated 

with this type of infection. Dead/dying ciliates, were noted (Fig. 2.7C & D) in gills, oesophageal 

pouch, and muscle tissues, whose poor condition (including disintegration of nuclei) rendered 

them unidentifiable. Such ciliate mortalities have not previously been seen in other abalone 

health surveys where many ciliate infections have been encountered. The cause for this is 

unclear. A host response seems unlikely as the ciliates occur externally to the gill epithelium 

and there is no evidence of elevated haemocyte numbers in the gill cavity or clustering around 

the ciliates. 

 

2.3.2.4 Apicomplexan-like 

Unidentified apicomplexan-like structures were observed in vacuoles within the intestinal 

epithelium that (Fig. 2.7G) seem to have an insignificant pathological effect. 

 

2.3.2.5 Intracellular microcolonies of bacteria (IMCs) 

Intracellular microcolonies of bacteria (IMCs) (Fig. 2.7E & F) are usually observed as colonies 

or cysts. Intracellular microcolonies of bacteria (IMCs) were found in a variety of organs, such 

as gills, muscles, and the oesophageal pouch of abalones. 

 

2.3.2.6 Rod-shaped bacteria 

Bacteria other than (IMCs) (Fig. 2.7H) are Gram-negative curved rod-shaped bacteria. Rod-

shaped bacteria commonly occur on epithelial surfaces of gills, mantle cavity, and organ 
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surfaces within the body cavity. In this study, the presence of bacteria appears of insignificant 

pathological importance on individual unhealthy (decaying) abalones. 
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Figure 2.7 Parasites and pathogens in different organs in abalone (H. iris), (A) elongated  

                      pear-shaped Sphenophrya-like ciliates (black arrows) in the gills, (B) ovoid or  

                      spherical shaped Scyphidia-like ciliates (black arrow) with a  conspicuous brush- 

                      like adhesive disc or scopula (blue arrow) and a dark macronucleus (orange  

                      arrow), (C)  and (D) unidentified disintegrated ciliate (black arrows) and 

                      Sphenophrya-like ciliates (blue arrows) in the gills, (E) intracellular microcolonies  

                      of bacteria (IMCs) (black arrow) in the muscle, (F) intracellular microcolonies of  

                      bacteria (IMCs) (black arrow) in the gill blood spaces, (G) unidentified 

                      apicomplexan-like structures appearing in vacuoles within the intestinal  

                      epithelium (black arrows) inside digestive epithelium, (H) Bacteria  

                      (rod-shaped) in foot muscle tissue. Scale bars = 40 µm. 

 

2.3.3 Severity of immunological tissue responses 

2.3.3.1 Haemocytes in muscle tissues 

Most abalone showed severity 3 (Heavy and diffuse) haemocyte infiltration (n = 55, occurrence 

rate of 64%), and the smallest number of abalone samples showed severity 1 (Light) haemocyte 

infiltration (n = 11, occurrence rate of 13%). On the other hand, 36 samples showed severity 2 

(Moderate) and 26 samples showed severity 4 (Heavy with focal haemocytosis) haemocyte 

infiltration and the occurrence rates were 42% (n = 36) and 30% (n = 26), respectively. In heavy 

infections, abalone tissues were congested with Perkinsus olseni and haemocytosis showing focal 

inflammation where large numbers of haemocytes surrounded the trophozoites (Fig. 2.8A). 

 

2.3.3.2 Ceroid infiltration in different organs 

Ceroid infiltrations across tissues/organs were often associated with P. olseni, and ceroid material 

accumulation was evident as brown material in pathogen-associated tissues (Fig. 2.8B). Therefore, 

ceroid could be a warning for the presence of P. olseni or other pathogens and parasites. In the foot 

muscle, most abalone (33%) had severity 2 (Moderate) ceroid concentration, followed by severity 

1 (Light) at 24% and severity 3 (Heavy) at a 12% occurrence rate. In gills, 42% of abalone showed 

severity 1 (Light) ceroid concentration, whereas 7% and 1.2% had ceroid concentrations at severity 

2 (Moderate) and 3 (Heavy), respectively. 

 

2.3.3.3 Pathological condition of gills of abalone 

Parasites were often associated with tissue haemocytosis and elevated levels of ceroid material. 

Indeed, 4 abalone (5%) showed swollen gills with ceroid material, haemocytosis and Perkinsus 

(grade 4) and 31 abalone (36%) had gills with ceroid material and ciliate parasites (grade 2). 

Another 8 abalone (9%) had disrupted gills (showing areas of destruction) with ceroid material and 

without haemocytosis (grade 3). A significant association between P. olseni and swollen gills with 
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ceroid material and haemocytosis (grade 4) was observed (p = 0.032) (Table 2.A.2 in the 

Appendix). 

 

 

Figure 2.8 Immunological tissue responses (haemocytosis and ceroid material) and Perkinsus  

                      olseni in abalone tissues, (A) inflammatory lesion showing haemocytosis (orange  

                      arrows) surrounding P. olseni (black arrows) in muscle tissue, (B) inflammatory  

                      lesion showing ceroid material (green arrows) in mantle connective tissues near P. 

                      olseni (black arrows). Scale bars = 30 µm. 

 

2.3.4 Gross appearance of the samples and the occurrence of parasites  
A total of 34 abalone (40%) had no parasites, and 27 of these were from the healthy and 7 from the 

unhealthy samples as identified by gross examination. Of the remaining 52 abalone (60%), which 

had at least one individual parasite type, 32 were from the healthy samples and 20 were from the 

unhealthy samples. P. olseni was identified in 5% (n = 4) of the unhealthy samples. No trace of P. 

olseni was observed in the healthy-appearing samples. A Chi-square test indicated a significant 

association (p-value = 0.008) between the gross appearance (healthy and unhealthy) of abalone and 

the presence or absence of P. olseni (Table 2.A.3 in the Appendix). A significant association (p = 

0.024) was found between the unhealthy gross appearance (pustules) of abalone and the presence 

or absence of P. olseni (Chi-square test) (Table 2.A.4 in the Appendix). A Chi-square test also 

indicated a significant association (p = 0.001) between the unhealthy gross appearance (nodules) 

of abalone and the presence or absence of P. olseni (Table 2.A.4 in the Appendix). The gross 

appearance was also significantly associated with the presence or absence of unidentified 

disintegrated ciliates (p = 0.036) (Table 2.A.5 in the Appendix). 
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2.4 Discussion 

2.4.1 Perkinsus olseni 
This is the first ISH-confirmed occurrence of P. olseni in New Zealand black-footed abalone (H. 

iris), with a detailed histological description of this parasite. In this study, only a few (5%) H. iris 

samples were infected by P. olseni. However, a higher prevalence of P. olseni in H. rubra examined 

by Lester and Hayward (2005) at Taylor Island, South Australia, ranged from 19 to 68% in three 

different samples. Lester et al. (2001) noted that infections of P. olseni in wild H. rubra were 

positively correlated with increasing water temperature. The lower prevalence of P. olseni in the 

present study may be related to the fact that sampling was conducted in the austral winter season. 

Therefore, it is important to monitor P. olseni infection continuously throughout all seasons, 

especially in summer, to better understand the susceptibility of H. iris to this parasite. 

Spherical P. olseni trophozoites with an eccentric nucleus and a large vacuole were found in the 

blood spaces of gills and the connective tissues of the foot muscle of four H. iris. Lester and Davis 

(1981) also observed similar trophozoites of P. olseni in H. rubra. In this study, there was a 

significant association between P. olseni and swollen gills with ceroid material and haemocytosis. 

This result is in agreement with the findings of Choi and Park (1997, 2010), Park et al. (1999), Park 

and Choi (2001), who described similar inflammatory responses due to Perkinsus infections. 

According to Dungan et al. (2007), P. olseni induced a strong host response with infiltration of 

numerous haemocytes in the surrounding tissue and the trophozoite stage occurring in the tissues 

of the New Zealand clam Austrovenus stutchburyi. Although the potential P. olseni infection was 

accompanied by inflammatory tissue responses (large numbers of haemocytes surrounding the 

trophozoites), mortalities due to this parasite were not assessed in this study. Lesions were 

relatively scarce among histological sections from our sampled abalone. However, Dunganet al. 

(2007) reported a wide range of histological lesions, including both light infections and intense 

systemic infections of P. olseni in clams (A. stutchburyi). Moreover, heavy infection with P. olseni 

in Manila clams often results in tissue inflammation, reduced growth and impaired reproduction 

(Pretto et al., 2014). Liggins and Upston (2010), reported that in the abalone Haliotis rubra with 

heavy infection of P. olseni, there was evidence of substantial tissue and organ impairment, 

including tissue necrosis, damage of normal tissue structure, necrosis of gills due to the inadequate 

blood supply, and significant accumulation and infiltration of haemocytes into tissues. According 

to Goggin and Lester (1995), 30-40% mortality occurred in abalone infected by P. olseni in 

Australia, which highlights a potential risk for H. iris in New Zealand. 
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In this study, Perkinsus-infected abalone showed a brown fluid (pus) and nodules in their foot and 

mantle. Bower (2010), also reported a similar characteristic on the foot and mantle of abalone 

infected with P. olseni. P. olseni was only detected in abalone deemed unhealthy (presence of 

pustules and nodules) by gross appearance, with a significant association between abalone health 

status and the presence or absence of P. olseni. A significant association was also found between 

the abalone gross appearance (healthy and unhealthy) and the presence or absence of unidentified 

disintegrated ciliates, which were also present around the visible ulcers/pustules that were attributed 

to P. olseni infection. These findings suggest that there is a close relationship between the health 

status of abalone and the presence or absence of parasites which may assist with identifying and 

characterising abalone health risks. 

 

2.4.2 Other pathogens and parasites 
The most common parasites in H. iris were ciliates (Scyphidia-like and Sphenophrya-like). 

According to Diggles and Oliver (2005), Sphenophrya-like ectocommensal ciliates are particularly 

common in larger and older farmed abalone. In this study, ciliates (Scyphidia-like and 

Sphenophrya-like) were observed in gills, oesophageal pouch, and muscle tissues of abalone and 

the highest prevalence of ciliates were recorded in the gills. This finding supports the results of 

Diggles and Oliver (2005), who noted that Sphenophrya-like ciliates are usually found living free 

between gill lamellae. According to Bower et al. (1994), ciliates lie on or in-between the gill 

lamellae, mantle cavity or esophageal pouch epithelium and appear in large numbers without any 

adverse effect on the host. Interestingly, we also observed unidentified disintegrated (dead/dying) 

ciliates in different organs of abalone whose poor condition rendered them unidentifiable. This has 

not previously been reported in ciliates associated with H. iris. This finding suggests that something 

might be killing the ciliates. Therefore, further investigation might help to reveal insights into 

control for ciliates. 

Intracellular microcolonies of bacteria (IMCs) were observed in a variety of organs, such as gills, 

muscle, digestive gland, and the oesophagal pouch of abalone with a significant association 

between the presence of P. olseni and IMCs. Mouton and Gummow (2011) also found IMCs in 

digestive glands and suggested that IMCs were the most common parasite of abalone. Intracellular 

bacteria are associated with intracellular microcolonies of bacteria causing infection in marine 

molluscs (Cano et al., 2020). Infection with IMCs in abalone is usually light and not associated 

with a disease (Diggles & Oliver, 2005). In contrast, IMCs infections directly or indirectly linked 

with mortality have been noted in the abalone Haliotis rufescens (Moore et al., 2000). Moreover, 
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the IMCs-Candidatus Xenohaliotis californiensis, the causative agent of the withering syndrome 

in black abalone (Haliotis cracherodii) is associated with mortalities up to 100% (Friedman et al., 

1997; Moore et al., 2000). According to Cruz-Flores and Cáceres-Martínez (2020), temperature, 

host-susceptibility and pathogen-specificity can affect the proliferation of the IMCs and contribute 

to mortality in abalone Haliotis corrugata. Therefore, IMCs could become a disease threat if 

abalone are subjected to environmental challenges, high prevalence, and overcrowded culturing 

conditions. 

Apicomplexan-like cells were detected in the intestinal epithelium of one abalone individual in this 

study. Apicomplexan-like structures were also reported in H. iris previously in the epithelium of 

the eospohageal pouch (Diggles & Oliver, 2005). 

Rod-shaped bacteria in the tissues of abalones were seen in this study. Handlinger et al. (2005) 

indicated that abalone mortalities were associated with bacterial infections, and higher mortalities 

were noted at higher temperatures. However, very few abalone samples were seen infected with 

this type of bacteria in the current study. The reason behind this observed low infection may be due 

to the limitations of H&E histology for bacterial detection, quantification and identification. 

 

2.4.3 Immunological tissue responses 
Haemocytosis was characterised as diffuse and focal inflammation in H. iris tissues. In this study, 

the accumulation of haemocytosis with focal inflammation was observed when large numbers of 

haemocytes surrounded P. olseni and sometimes also in foci with no Perkinsus cells. Similar 

haemocytosis was reported by other researchers in bivalves and indicated that diffuse haemocytosis 

is distinguished from focal haemocytosis when haemocytes are distributed broadly over a large 

section of tissue without a clear centre or focal point of highest haemocyte concentration (Kim et 

al., 2006; Kim & Powell, 2004, 2007; Villalba et al., 1997). Findings by Elston et al. (1992), 

McGladdery et al. (1993) and Smith and Conroy (1992) also support the results in the present study 

with their observations of intense haemocytic inflammatory lesions in at least 15 species of 

molluscs, including abalone following exposure to undetermined disease agents. Diggles and 

Oliver (2005) also noticed haemocytic inflammatory lesions due to pathological conditions in 

abalone, which suggests that haemocytosis may be an immunological response to local and 

systemic effects of parasites. 

In this study, elevated amounts of ceroid material were observed in the gills and muscle tissues of 

H. iris where P. olseni and ciliates were detected. Darriba Couñago (2017) also reported similar 

material in the gills of clams, which were interpreted as evidence of chemical irritation from 
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pollutants and pathogens. Neves et al. (2015) recorded ceroid material in the digestive gland of 

snails (Littorina littorea) exposed to dinoflagellates. Apeti et al. (2014) stated that ceroids are 

common in oysters where their presence may indicate cell stress. Moreover, Carella et al. (2015a) 

noted that in molluscs, ceroid material accumulation has been associated with age and pollutant 

exposure. In this study, the occurrence of ceroid material was also observed in abalone tissues 

without parasitic association and this phenomenon might be due to the presence of other challenges 

such as pollutants, cell stress and age. Thus, ceroid material accumulation in H. iris tissues might 

be involved in the immunological response against pathogenic infections and other challenges 

which may be indicative of culturing conditions. 

 

2.5 Conclusions 
This manuscript presents the first report of P. olseni using ISH in the New Zealand black-footed 

abalone. This is the first detailed description of P. olseni along with other pathogens and parasites 

from histological sections in H. iris and their associations with health markers. In the case of co-

infection of some parasites, hosts become weaker after infection with one parasite inevitably 

permitting entry by another. There was a significant association between infection of P. olseni and 

intracellular microcolonies of bacteria (IMCs). Abalone gross unhealthy appearances were 

corroborated by histological observations of poor health, signs such as disrupted and swollen gills 

with haemocytosis, ceroid material and parasites, and muscle tissue with focal haemocytosis with 

parasites. A significant association between abalone gross appearances and the presence or absence 

of P. olseni and unidentified disintegrated ciliates was recorded. Associations between P. olseni 

and swollen gills with ceroid material and haemocytosis were noted. Histology helped to visually 

recognise the immunological tissue responses (ceroid material and haemocytosis), but did not 

provide a definitive indication of the underlying causes for these conditions, which requires further 

investigation. However, the findings of this study increase our knowledge of the interactions 

between pathogens and abalone, including host immune responses which, with further work, may 

be used as early warning signs of health issues in wild and cultivated abalone in New Zealand. 
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Chapter 3 

Bonamia ostreae (Haplosporidia) and 

other parasites in New Zealand flat 

oysters (Ostrea chilensis): a 

histopathological study 

             

             New Zealand flat oysters (Ostrea chilensis) 
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Abstract: Bonamia exitiosa and B.ostreae are protistan parasites responsible for Bonamiosis 

(microcell disease or haemocyte disease) in flat oysters. Whilst B. exitiosa is believed to be endemic 

to New Zealand (NZ) and has long been associated with periodic serious mortality in wild beds of 

the NZ native oyster Ostrea chilensis, B. ostreae has only recently been detected in NZ in 2015, 

and this was the first time the species was detected in the Southern Hemisphere. Since itôs first 

detection in farmed oysters, B. ostreae is believed to have caused significant mortalities, and this 

has severely impacted the NZ flat oyster aquaculture industry. A detailed histopathological 

examination was undertaken on O. chilensis collected from the aquaculture farming area of the 

Marlborough Sounds, NZ, in 2017, two years after the first detection of B. ostreae there. In this 

study, out of 94 flat oysters, B. ostreae and B. exitiosa were detected via histology in 34% and 1% 

of individuals respectively, and in 70% and 1% respectively via polymerase chain reaction (PCR). 

The only instance of detection of B. exitiosa was as a co-infection with B. ostreae. The connective 

tissue around digestive tubules, gonads, gills, gut wall and mantle cavity of O. chilensis were 

examined and several other parasites were also observed, including Bucephalus longicornutus, 

Apicomplexan X (APX), Microsporidium rapuae, Gymnophallid-like metacercaria, as well as 

intracellular microcolonies of bacteria (IMCs), copepods and other bacteria. Most other parasites 

were observed very rarely, but in contrast, there was an association between infection of B. ostreae 

and heavy infection of B. longicornutus. The abundance of B. ostreae microcells in different 

tissues, including gills, mantle, the connective tissue around digestive tubules, and haemocytes 

surrounding the gut were estimated semi-quantitatively by a grading scale that included the relative 

abundance of B. ostreae in various tissues and the average number of B. ostreae microcells per 

infected haemocyte per tissue. B. ostreae microcells infecting haemocytes were detected in blood 

spaces of gills and sinuses of oysters. Diapedesis was noticed in tissues where haemocytes 

contained B. ostreae microcells, and an association was noted between the number of intracellular 

microcells and diapedesis. A general óhealthô rating was derived from examination of the gill 

structure, digestive tubule structure and the presence of bacteria and scored oysters as óhealthyô, 

óunhealthyô, or ómoribundô. The highest prevalence of B. ostreae infection was observed in live but 

unhealthy oysters, whereas the lowest prevalence was recorded in moribund individuals. These 

findings provide new insights into the infection, disease progression, host-parasite interaction, and 

transmission mechanisms of B. ostreae in O. chilensis and may assist with disease management 

strategies. 
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3.1 Introduction 

Haplosporidian parasites of the genus Bonamia, including Bonamia ostreae and Bonamia exitiosa, 

are intracellular parasites commonly of 1ī3 Õm in diameter, which infect haemocytes of flat oysters 

causing a disease known as bonamiosis (Hine & Jones, 1994; OIE, 2012). Both the native New 

Zealand flat oyster Ostrea chilensis and the European native flat oyster Ostrea edulis have been 

reported to be infected with B. ostreae (Elston et al., 1986; Lane et al., 2016; Pichot et al., 1979) 

and B. exitiosa (Arzul et al., 2011; Berthe & Hine, 2003; Hine et al., 2001) and both Bonamia 

species have caused serious disease outbreaks (OIE, 2012; OIE, 2018a; OIE, 2018b). 

Mass mortalities of O. edulis due to B. ostreae infections have occurred throughout Europe and the 

United States for at least 25 years (da Silva et al., 2005). Severe effects were observed in farmed 

and wild populations when B. ostreae was accidentally introduced from the US and spread in 

Europe through the movement of infected oysters to France and Spain in the 1970s (Cigarría & 

Elston, 1997; Elston et al., 1986). The first occurrence of B. ostreae in the Southern Hemisphere 

was reported in New Zealand in 2015 and is believed to have been responsible for severe mortalities 

of naïve oysters on aquaculture farms at that time (Lane et al., 2016). Conversely, B. exitiosa is 

considered endemic to New Zealand flat oysters (O. chilensis), having been observed since at least 

the 1960s, although, this parasite has caused mass mortalities in wild populations, notably since the 

mid-1980s (Cranfield et al., 2005; Doonan et al., 1994; Michael et al., 2016). In order to support 

the future and sustainability of flat oyster populations, there is, therefore, an urgent need to 

understand the effect of B. ostreae on Ostrea chilensis. 

B. ostreae is an intracellular protistan parasite that multiplies inside oyster haemocytes. In O. edulis, 

infection rarely results in clinical signs of disease, and many infected oysters appear normal (Bower 

et al., 1994); however, infected oysters may have yellow to black discolouration and extensive 

lesions, such as perforated ulcers on the gills and mantle (Arzul & Carnegie, 2015; Bower et al., 

1994). During the early stages of infection, B. ostreae provokes a defence response in oysters, 

inducing lesions with heavy haemocytic infiltration in tissues (Bower et al., 1994; Dinamani et al., 

1987; Elston et al., 1986; Hervio et al., 1995; Kroeck & Montes, 2005). Furthermore, B. ostreae 

causes diffused or generalized infections which seem to be linked with haemocyte destruction and 

diapedesis. Diapedesis (the passage of haemocytes through the epithelium) caused by the 

proliferation of the parasite (Bower et al., 1994). Although some flat oysters die with light 

infections, most perish with much heavier infections (Bower et al., 1994). Severely infected oysters 

tend to be in poorer condition (lesions, haemocyte destruction etc.) than lightly infected or 

uninfected oysters (Bower et al., 1994). However, despite the large amount known about the 
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progression of disease in O. edulis, there is almost nothing known about how B. ostreae may affect 

O. chilensis. Therefore, clarifying the patterns of disease progression for B. ostreae infections 

within O. chilensis is paramount in helping to determine appropriate disease management 

strategies. 

The complete life cycles of B. ostreae and B. exitiosa are unknown, but both parasites are readily 

transmitted directly from oyster to oyster (Culloty & Mulcahy, 1996), and this may occur during 

respiration or filtration of seawater for food (Bucke, 1988; Montes et al., 1994). The parasites enter 

the host via the gill epithelia and enter into the haemocytes when they are detected as foreign 

particles and are phagocytised (Hine & Wesney, 1994; Montes et al., 1994), or through ingestion 

of the microcells and then entry into the haemolymph from the gut (Hine, 1991a; 1991b). If the 

haemocytes fail to destroy the parasites, microcells of B. ostreae may multiply rapidly via binary 

fission, and lyse or rupture the haemocytes, releasing more microcells that infect other haemocytes 

(Balouet et al., 1983; Culloty & Mulcahy, 2007), thus leading to haemocytic infiltration of 

surrounding tissues (Comps, 1983; da Silva et al., 2005). Haemocytosis (a high number of 

haemocytes) in the connective tissues of gills, mantle and gut indicates the initiation of infection 

by B. ostreae (Balouet et al., 1983; Poder et al., 1983) and also suggests that Bonamia microcells 

may migrate from the circulatory system to connective tissues (Cochennec-Laureau et al., 2003). 

In New Zealand flat oysters (O. chilensis), infection with B. ostreae has been shown to result in 

haemocytosis of the connective tissue around the digestive tubules, stomach, gills and mantle 

(Lane, 2018). In O. edulis, ten or more parasites have been observed within a single infected 

haemocyte (Poder et al., 1983). In O. chilensis, < 16 parasites were observed per infectced 

haemocyte (Hine, 1991a). After lysing or rupture of haemocytes, or upon host death, the parasites 

are transmitted in the water to nearby oysters where the cycle begins again (Bucke, 1988; Carnegie 

et al., 2003; Montes et al., 1994). 

In this study, a detailed histopathological examination was undertaken on New Zealand flat oysters 

(O. chilensis) collected from the Marlborough Sounds, New Zealand, two years after the first 

detection of B. ostreae in 2015. In addition to identifying the presence of B. ostreae, B. exitiosa, 

and other parasites in New Zealand flat oysters, we aim to clarify the pattern of disease progression 

following B. ostreae infection (from a mild infection to a systemic infection) by grading B. ostreae 

presence in different tissues within each individual. The abundance of Bonamia microcells in the 

whole oyster and different tissues, including gills, mantle, the connective tissue around digestive 

tubules and haemocytes surrounding the gut were assessed semi-quantitatively by a grading scheme 

modified from that of Hine (1991a). This information is used to draw inferences about specific 
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infection patterns of B. ostreae in O. chilensis relating to disease development, host-parasite 

interactions, and transmission mechanisms. 

 

3.2 Materials and methods 

3.2.1 Sample collection, histological preparation and microscopic 

examination 
Flat oysters (shell size ranging from 50 to 85 mm, mean±SE of 68±0.9mm) were collected from 

oyster farms in the Marlborough Sounds, New Zealand on 27th November 2017. Samples were 

collected from 2 farming systems with different age groups by Ministry for Primary Industries 

(MPI) who were destroying all the oysters that were thought to have Bonemia so this was an 

opportunistic and unique sampling event.The oysters were kept alive on ice and freighted to the 

Ministry for Primary Industriesô Animal Health Laboratory where they were held on ice in 

polystyrene bins in a humid environment for between 2 and 8 days before dissection. The animals 

were measured for size and weight, followed by shucking and sectioning for histological analyses. 

 

Specimens were sectioned to give a 2ï5 mm thick tissue slice (Howard et al., 2004), followed by 

standard histological processing (OIE, 2000). Samples were fixed in 4% formalin for 48 h and then 

stored in 70% ethanol. Specimens were dehydrated in a series of ascending ethanol concentrations, 

two changes of xylene, and then embedded in paraffin wax. Sections of 5 ɛm were cut by 

microtome, mounted on slides, stained with haematoxylin-eosin and observed under a light 

microscope. 

 

Prepared slides were examined under the microscope using 10× and 40× objectives. A 100× 

objective (oil) was used to identify suspected pathogens and parasites as required. Images were 

taken using a Leica DM2000 microscope with 40× and 100× objectives. The presence or absence 

of Bonamia microcells in four different tissues (gills, mantle, the connective tissue around digestive 

tubules and haemocytes surrounding the gut) was recorded, and the prevalence and abundance of 

microcells were assessed semi-quantitatively by grading scales as described below. All microscopic 

examination and grading were done blind to the size, health, or other identifying factors of the 

sampled individual. 
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3.2.2 Quantification of parasites 

The prevalence of B. ostreae and other parasites was calculated according to Bush et al. (1997). A 

semi-quantitative scale was used for determining the abundance of parasites, as all the parasites 

were not counted in each host. Each tissue was examined to record the number of parasites, which 

was then used to calculate the prevalence and abundance of parasites per tissue and individual, by 

visual examination of a single histological section (the entire section) for each case at 40× and 100× 

magnification. 

In this study, we use the term abundance instead of intensity, as according to Bush et al. (1997), 

intensity (a form of density) is the number of pathogens in each individual or specified tissue or 

thin section of the entire animal, and an abundance is also a form of density but differs from the 

intensity in that an intensity of ñ0ò is not possible whereas an abundance of ñ0ò is appropriate. 

 

3.2.3 Quantification of Bonamia 
The relative abundance of Bonamia microcells in haemocytes, individual tissues or the whole 

oyster was evaluated semi-quantitatively using grading scales of 0-3 or 0-5 modified from Hine 

1991a (Table 3.1). 

 

3.2.3.1 Bonamia relative abundance per tissue (0-3) 

Although B. exitiosa infection was most significant in the gonad by Hine (1991a), in this study, 

there was little or no Bonamia infection in this tissue. Therefore, gonad was excluded from the 

tissues to choose for evaluating Bonamia abundane. The abundance of B. ostreae microcells in the 

different tissues, including gills, mantle, the connective tissue around digestive tubules and 

haemocytes surrounding the gut were evaluated semi-quantitatively on a scale of 0 to 3 where 0 = 

Absent, 1 = Low, 2 = Medium and 3 = Heavy. When combined across all four tissues, these 

combined as 3 = Heavy [3333, 3332 or 3322], 2 = Moderate [2222, 2223, 2221 or 2211], 1 = Light 

[0001, 0011, 0111 or 1111] and 0 = Nil/Absent [0000] (Table 3.1, Modified scheme column 2). 

 

3.2.3.2 The mean of Bonamia microcells per haemocyte 

When infected haemocytes were encountered, the number of Bonamia microcells in each infected 

haemocyte was counted (for up to 100 haemocytes) in each tissue. The mean number of Bonamia 

microcells per infected haemocyte was then calculated for each tissue (gills, mantle, the connective 

tissue around digestive tubules and haemocytes surrounding the gut). Then, the overall average 

number of Bonamia microcells per infected haemocyte was determined for the individual animal 
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by taking a mean of the tissue means. Based on the overall mean number of Bonamia microcells 

per infected haemocyte, ranges (0, 1, 1-2, 1-5, 4-9 and 7-12) of means of Bonamia microcells per 

haemocyte per tissue were fixed for evaluating the whole oyster grading, where Grade 0 = mean 

no. of microcells = 0; Grade 1 = mean no. of microcells = 1; Grade 2 = mean no. of microcells = 

1-2; Grade 3 = mean no. of microcells = 1-5; Grade 4 = mean no. of microcells = 4-9; Grade 5 = 

mean no. of microcells 7-12 per infected haemocyte (Table 3.1, Modified scheme column 3). 

 

The whole oyster grading system, which grades on a scale of 0-5 from absence to high-intensity 

systemic infection, was derived by combining the two other parameters above (relative abundance 

of Bonamia microcells per tissue (on a scale of 0-3), and the mean number of Bonamia microcells 

per infected haemocyte per tissue [mean of the 4 different tissue means]). 

 

For example, an oyster with an overall grade of 5 showed all tissues at grade 3 [3333], the range of 

mean number of microcells per infected haemocyte = 7-12 per haemocyte across all tissues. An 

oyster at overall grade 4 = overall tissue grade = 3 [3332 or 3322], range of mean microcells per 

haemocyte = 4-9; oyster grade 3 = tissue grades = 2 [2222 or 2223], range of mean microcells per 

haemocyte = 1-5; oyster grade 2 = tissue grade = 2 [2221 or 2211], range of mean microcells per 

harmocyte = 1-2; and oyster grade 1 = tissue grade = 1 [0001, 0011, 0111 or 1111], range of mean 

microcells per haemocyte = 1; and oyster grade 0 = tissue grade = 0 [0000], range of mean 

microcells per haemocyte = 0 (Table 3.1). The differences between the new scheme and Hineôs 

scheme for whole oyster B. ostreae infection level are presented in Table 3.1.
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Table 3.1   A semi-quantitative B. ostreae grading scale for whole oysters modified from Hine (1991a), compared with the original scheme of Hine  

                   (1991a). 

 

Grade Scheme of Hine (1991a)                                                                  Modified scheme 

Descriptions No. of Bonamia 

microcells per 

haemocyte 

Description of each grade Bonamia relative 

abundance in all four 

tissues# (graded 0-3 in 

each tissue) 

Mean Bonamia 

microcells per 

infected 

haemocyte 

0 -         - Grade 0 = No Bonamia microcells seen after 

extensive searching* of all tissues.  

0000 (absent)        0  

1 Very few (<10) Bonamia 

microcells observed after 

extensive searching of all tissues. 

        - Grade 1 = Very few (<10) Bonamia 

microcells observed after extensive 

searching of all tissues.  

0001, 0011, 0111  

or 1111 (low) 

       1  

2 Bonamia microcells observed 

only after searching, and then 

only one to two presents in each 

infected haemocyte. 

1-2 Grade 2 = Bonamia only observed after 

extensive searching of all tissues, and then 

only one to two present in each infected 

haemocyte. 

2221 or 2211 

(low to medium) 

1-2  

3 Bonamia widespread, but only 

one to five microcells per 

infected haemocyte observed. 

1-5 Grade 3 = Bonamia widespread in most or 

all tissues, but only one to five Bonamia 

microcells per infected haemocyte 

observed.  

2222 or 2223 (medium) 1-5  

4 Bonamia readily observed in all 

tissues, often associated with a 

haemocytosis. 

        - Grade 4 = Bonamia readily observed in all 

tissues, but 4-9 Bonamia microcells per 

infected haemocyte observed and often 

associated with a heavy haemocytosis, and 

many extracellular microcells. 

3332 or 3322 (medium  

to heavy) 

      4-9  
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5 Bonamia microcells common in 

all tissues, <16 per haemocyte, 

but often extracellular. 

 

Haemocytosis was always 

present; lesions sometimes 

observed. 

    <16 Grade 5 = Bonamia common in all tissues, 

with a mean of 7-12 per haemocyte, heavy 

haemocytosis was always present; high 

numbers of extracellular microcells, and 

sometimes lesions (due to rupture of 

haemocytes). 

3333 (heavy) 7-12  

 *Extensive searching was for 5 minutes per slide. 

                                                                     #Gills, mantle, the connective tissue around digestive tubules and haemocytes surrounding the gut. 



 

56 
 

3.2.4 Bonamia species diagnosis  
It was difficult to distinguish the two Bonamia spp. by histology. The Bonamia species were 

confirmed as either B. ostreae or B. exitiosa by polymerase chain reaction (PCR; Fidler unpublished 

results). Bonamia species-specific conventional PCR assays (Ramilo et al., 2013) were used to 

determine the total number of oysters infected with B. ostreae and/or B. exitiosa. For the B. 

exitiosa species-specific PCR, the forward primer BEXIT-F (5ô-GCG CGT TCT TAG AAG CTT 

TG-3ô) was paired with the reverse primer B-EXIT-R (5ô- AGA TTG ATG TCG GCA TGT CT-

3ô) to produce an amplicon 246 bp in size. Thermal cycling conditions were 95°C for 2 min, 

followed by 35 cycles of 95°C for 10 s, 58°C for 10 s, and 72°C for 1 s. For the B. ostreae species-

specific PCR, the forward primer BOSTRE-F (5ô-TTA CGT CCC TGC CCT TTG TA-3ô) was 

paired with the reverse primer BOSTRE-R (5ô-TCG CGG TTG AAT TTT ATC GT-3ô) to produce 

an expected amplicon of 208 bp. The thermal cycling conditions for B. ostreae were similar to B. 

exitiosa, but with an annealing temperature of 55°C. All amplicons were visualised under UV as 

described above, and the presence or absence of a band of the expected size was noted. 

Only one oyster was confirmed as infected with B. exitiosa, and that individual was also infected 

with B. ostreae. All other samples were confirmed as B. ostreae. Thus, the discussion will only 

include observations of B. ostreae. The result for the specimen containing a co-infection with B. 

exitiosa was within the range of results observed for B. ostreae, and so has been included in the 

data analysis. 

 

3.2.5 Haemocytosis associated with B. ostreae infection 
A semi-quantitative scale of 0-3 (0 = Absent, 1 = Low, 2 = Medium and 3 = Heavy) was also 

applied to the amount of observed inflammatory response in the form of haemocytosis. 

Haemocytosisis observed as an abnormally large number of haemocytes occurring in the tissues 

and can be either diffuse (where haemocytes are evenly distributed), focal (where there are distinct 

centres [foci] of haemocyte accumulation), or multi-focal. 

 

3.2.6 Presence of ceroid granules or lipofuscin with B. ostreae infection 
The presence or absence of brownish-yellow pigment that may indicate either ceroid or lipofuscin 

(inflammatory tissue response caused by nutritional deficiencies, toxicity, or disease) in the 

different tissues was recorded as a present (1) or absent (0). 
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3.2.7 Other pathogens and parasites 
The presence and abundance of other parasites or pathogens in various tissues were also noted and 

quantified. Most were directly counted, but due to the high number of individuals of Bucephalus 

longicornutus encountered, a grading scheme was deemed necessary. Their abundance was 

recorded on a scale of 1 to 3 where 1 = Low (<50 individuals per slide), 2 = Medium (51-200 

individuals per slide) and 3 = High (>200 individuals per slide). As a PCR method was available 

to detect the coccidian-like organism apicomplexan X (APX; Suong et al., 2018), a PCR assay was 

used to diagnose APX as well. 

 

3.2.8 Overall condition 
Flat oysters were categorised into 3 different general conditions: ñlive and healthyò, ñlive and 

unhealthyò, and ñmoribundò based on their gill structure, digestive tubule structure and the presence 

of bacteria. In live and apparently healthy oysters, the structure of the gills was good and typical, 

and the digestive tubules were thick with a cruciform lumen. In live but apparently unhealthy 

oysters, the structure of the gills was not typical (without cilia and with haemocytes in blood 

spaces), and bacteria (bacilli and/or cocci) were observed in the tissue. In moribund or near-dead 

oysters, the structure of the gills was destroyed, and deformed, and digestive tubules were thin and 

without a cruciform lumen. However, gill pathology (surface lesions of gills) with shedding 

Bonamia were observed in O. chilensis by Hine (1991a). 

 

3.2.9 Statistical analysis 
Tests for the association between B. ostreae and other pathogens (as detected via histology and 

PCR) were conducted by Odds ratios (OR) and Chi-square tests for whole samples (94 oysters). 

Pearson Chi-Square was applied for the association between the abundance of different grades 

across the different tissues. These tests were performed using SPSS Statistics software (IBM; 

version 23). 

 

3.3 Results 

3.3.1 Infection with Bonamia 
A total of 32 (34%) of the 94 sampled oysters were observed to be infected with Bonamia, and all 

these observed infections were confirmed by PCR as B. ostreae except for one individual which 

had a co-infection of B. ostreae and B. exitiosa. The individual with a co-infection of both species 

was an apparently healthy individual. Bonamia was observed as a Grade 1 (low-level) infection in 
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the gills, mantle and haemocytes surrounding the gut, but was not observed in the connective tissue 

around digestive tubules. The animal did demonstrate a low level Grade 1 haemocytosis in the 

connective tissue around the digestive tubules, a medium level Grade 2 haemocytosis in gills and 

mantle, and a Grade 3 (high) level of haemocytosis in the haemocytes surrounding the gut. All 

haemocytosis were observed as diffuse. 

 

Due to the very low sample size of observed B. exitiosa infections, the following results will 

describe only observations of B. ostreae infections. 

 

Microcells of B. ostreae (1-2 ɛm) were observed within the haemocytes, as well as freely in the 

connective tissue around the digestive tubules, gut, gills and mantle (Fig.3.1A-D) of O. chilensis. 

The parasites were often associated with an intense inflammatory reaction (local concentration of 

haemocytes (haemocytosis) and ceroid granules (Fig. 3.1C). Microcells of B. ostreae were also 

detected within haemocytes in the blood spaces of sinuses (Fig. 3.1E) and the sinuses of gills (Fig. 

3.1F). Diapedesis (the passage of haemocytes through the epithelium) was noticed in different 

tissues including the gills, gut and mantle (Fig. 3.1F-H), with haemocytes containing B. ostreae 

passing through the unruptured walls of tissues. 
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Figure 3.1 B. ostreae microcells (black arrows) in different tissues of flat oysters, (A) gills, 

                     (B) muscle, (C) connective tissue around the digestive tubules (presence of ceroid 

                     indicated with ablue arrow), (D) haemocytes around the gut wall, (E) Bonamia 

                     microcells in haemocyte (black arrow) inside blood sinus, (F) Bonamia microcell  

                     infected haemocytes (black arrow) inside blood spaces of gills and diapedesis with  

                     Bonamia microcells (blue arrow) in the gills, (G) diapedesis (blue arrow) and  

                     haemocyte with Bonamia microcells (black arrow) in the gut, (H) diapedesis (blue  

                     arrow) and haemocyte with Bonamia microcells (black arrow) in the 

                     mantle. Scale bars = 20 µm. 

 

3.3.2 B. ostreae epidemiological and health parameters 

Of the 94 oysters sampled, 43% were live and apparently healthy (n = 40), 35% were live but 

unhealthy (n = 33) and a small number of oysters were moribund (n = 21, 22%). Out of the 40 
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healthy samples, 28% (n = 11) were Bonamia positive by histology and 73% (n = 29) were PCR 

positive, and of the 33 live unhealthy oyster samples, 42% (n = 14) were Bonamia positive by 

histology and 79% (n = 26) were PCR positive. Of the moribund oysters 33% (n = 7) were Bonamia 

positive by histology, and 48 % (n = 10) were Bonamia positive by PCR (n = 21). 

Most oysters (65%, n = 62) had no observable B. ostreae infection (grade 0), with just 34% having 

an observable infection of grade 1 or higher. However, PCR results indicated that 70% of animals 

were indeed PCR positive for B. ostreae. Thus, only half of the animals that were PCR positive had 

an infection severe enough to be observable via histology. Just 2% (n = 2) were suffering from a 

severe grade 5 infection. Most infected animals (42% of those infected, 15% of total) had a grade 

3 infection, with ómediumô tissue grades, and a range of 1 ï 5 mean microcells per heamocyte. Only 

9% of oysters were in grade 4, and just 4% and 5% of oysters were at grades 1 and 2, respectively 

(Fig. 3.2 & Table 3.2). 

 

 

Figure 3.2 Prevalence of different B. ostreae histological whole-oyster infection grades. 

 

Diapedesis with B. ostreae microcells was observed in various tissues of O. chilensis but only in 

tissues with agrade 4 or 5 level infection. Infected haemocytes were also only observed in blood 

spaces of gills and sinuses of oysters with grades 3, 4 or 5 level infection (Table 3.2). 

 

Table 3.2   The distribution of B. ostreae grading levels within the sample population (n = 94) and  

                   the concurrence of microcells infecting haemocytes in blood spaces or undergoing  

                   diapedesis within haemocytes. X = absence, ã = presence. 
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Whole oyster  

B. ostreae 

abundance grade 

Prevalence  

(%)  

Frequency  

(n) 

Diapedesis with 

Bonamia 

microcells 

Blood spaces with B. 

ostreae infecting 

haemocytes 

0    65    61     X     X 

1 4 4 X X 

2 5 5 X X 

3 15 14 X ã 

4 9 8 ã ã 

5 2 2 ã ã 

 

The percentages of B. ostreae abundance grading (0-3) in the different tissues (gills, mantle, the 

connective tissue around digestive tubules and haemocytes surrounding the gut) were observed. 

There is no significant difference (p = 0.769) between the abundance of different grades (0-3) of B. 

ostreae infection across different tisues (differences were considered significant when P<0.001). 

The percentages of B. ostreae abundance grading across the different tissues is presented in Fig. 

3.3. 

 

 

Figure 3.3 Percentage of B. ostreae abundance grading (0-3) in different tissues of O. chilensis. 
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Figure 3.4 Box and whiskers plot showing the distributions of the number of B. ostreae  

                      microcells per infected haemocyte in gills, mantle, digestive tubules and gut  

                      tissues of oysters (Minimum, Q1, Median, Q3, Maximum). [In each case, Mean  

                      is greater than the Median, distributions are slightly positively skewed, Minimum  

                      values of all the tissues are similar, Median and Maximum values are higher in  

                      digestive tubules than other tissues]. 

 

All the tissues (gills, mantle, the connective tissue around digestive tubules and haemocytes 

surrounding the gut) showed a higher percentage (occurrence rate of above 80%) of diffuse 

haemocyte abundance than focal and multifocal haemocyte abundance. Moreover, 15% of samples 

indicated haemocyte abundance with multifocal haemocytosis in the mantle and only 6% of oysters 

showed haemocytes abundance with focal haemocytosis surrounding the gut (Table 3.3). 

Out of 94 oysters, 70 (75%) had ceroid material in the cell bodies of digestive tubules and the 

surrounding connective tissues. Twenty nine percent of oysters showed ceroid material in gills 

(Table 3.3). 

 

Table 3.3  Diffuse, focal and multi focal haemocytosis and ceroid abundance in different  

                     tissues of oysters [n = number of samples, % = occurrence rate). 
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Site                     Different types of haemocytes 

                    abundance in different tissues 
Brown/ceroid 

material in 

different tissues Diffuse Focal Multifocal  

Gills 

 
n = 92 (98%) n = 0 (0%) n = 2 (2%) n = 27 (29%) 

Mantle n = 77 (82%) n = 5 (5%) n = 12 (13%) n = 14 (15%) 

Connective tissue around  

digestive tubules  
n = 91 (97%) n = 3 (3%) n = 0 (0%) n = 70 (75%) 

Haemocytes surrounding  

the gut 

n = 79 (84%) n = 6 (6%) n = 9 (10%) n = 19 (20%) 

 

 

20-26% of oysters presented B. ostreae infected haemocytes at a low level (grade 1) in all the 

tissues (gills, mantle, the connective tissue around digestive tubules and haemocytes surrounding 

the gut). 5% of oysters demonstrated B. ostreae infected heavy hemocytosis (grade 3) in the mantle 

and the connective tissue around digestive tubules. A medium level (grade 2) of B. ostreae infected 

haemocytes was observed in the connective tissue around digestive tubules and surrounding the gut 

of 9% oysters. 

 

3.3.3 Infection with other parasites and pathogens 
Several other parasites and pathogens were noted in different tissues of oysters, but mostly at a very 

low frequency of occurrence. The one exception was Bucephalus longicornutus (Fig. 3.5A), a 

digenean trematode parasite. Sporocyst containing cercarial larval stages of this trematode was 

detected in the connective tissue around gonads, digestive tubules, mantle and gills, but mainly in 

gonads. Eighty-six percent of oysters with B. ostreae infection were also infected with a high-level 

(grade 3) of B. longicornutus (n = 12). Conversely, no oysters demonstrated B. ostreae co-infection 

with a low-level (grade 1) infection of B. longicornutus. 

Other observed parasites included the coccidian-like organism, apicomplexan X (APX). This was 

noted in the connective tissue around digestive tubules and gonads of just 1 of the 94 flat oysters 

in histological analysis, but was found to be PCR positive in 31% (n = 29) (Fig. 3.5B & Table 3.4). 

Since histology and PCR analysis were not conducted from the same tissue layer of the samples, 

APX was not diagnosed by histology when it was in the samples and positive by PCR data. Cysts 

of Microsporidium rapuae (Fig. 3.5C) were recorded in connective tissue near the gut of a single 

individual. Intracellular microcolonies of bacteria (IMCs) were found in the digestive tubule 

epithelium of one individual (Fig. 3.5D) [Note: Rickettsia-like organisms (RLOs) are now referred 
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to as IMCs; Cano et al., 2020]. Also, copepods and parts of copepods were observed in the mantle 

cavity of two individuals (Fig. 3.5E). Gymnophallid-like metacercaria (a larval stage of cercaria) a 

digenean trematode occurred in the mantle cavity of one individual (Fig. 3.5F). Bacteria other than 

(IMCs) were recorded in gills, mantle cavity and organ surfaces within the body cavity of 17 of 

what appeared to be stressed and unhealthy individuals (Fig. 3.5G & H; Table 3.4). 

 

Figure 3.5 (A) Haemocytosis (blue arrow) around a sporocyst (black arrow) of B. longicornutus  

                    containing a cercaria (black arrow) and sections of the cercarial tail (green arrow) in  
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                    connective tissue, (B) zooites of APX (black arrows) in the connective tissue around  

                    digestive tubules, (C) cyst containing spores of M. rapuae (black arrow) in the  

                    connective tissue under the gut wall, (D) intracellular microcolonies of bacteria (IMCs;  

                    black arrow) in the digestive tubule epithelium, (E) fragment of a copepod (black  

                    arrow) and copepod parts (blue arrow) in the mantle cavity, (F) gymnophallid-like  

                    metacercaria (black arrow) in the mantle cavity and (G-H) bacteria (black arrow) in  

                    oyster gill filament. Scale bar = 60 µm (A and E), Scale bar = 20 µm (B, D, G and H),  

                    and Scale bar = 30 µm (C and F). 

 

In this study, just 3 for Bonamia and 1 for APXwere appeared positive via histology and negative 

via PCR (might be due to contamination), but these were excluded from the analysis. This was one 

of the reasons that PCR was used alongside the histological assessments (Table 3.4). 

 

Table 3.4    Prevalence of all observed parasites or pathogens associated with flat oysters (n = 94)  

                   in this survey. 

Organism                       Histology                         PCR 

Overall 

Prevalence (%) 

Overall 

Frequency (n) 

Overall 

Prevalence (%) 

Overall 

Frequency (n) 

Bonamia ostreae 34    32     70     66 

Bonamia exitiosa  1 1       1 1 

Bucephalus longicornutus 15    14       - - 

Apicomplexan X   1 1    31     29 

Microsporidium rapuae   1 1 - - 

Intracellular microcolonies 

of bacteria (IMCs) 

  1 1 - - 

Copepoda   2       2       -                   - 

Gymnophallid-like 

metacercaria 

  1       1 -                   - 

Bacteria other than (IMCs) 18     17 -                  - 

 

 

Table 3.5   Statistical analysis: Chi-square test and Odds Ratio (OR) for the association between  

                   histological observation of B. ostreae and other pathogens (n = 94). 
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Parasites/pathogens  

observed in oysters 

             B. ostreae Chi-square test for 

association 

          (P-value) 

Odds Ratio 

     (OR) Absent  Present  

B. longicornutus Absent 60 20  

             0.000 

 

18.00 
Present 2 12 

Apicomplexan X Absent 61 32  

             1.000 

 

           - 
Present 1 0 

Bacteria Absent 56 21  

              0.005 

 

   4.89 
Present      6    11 

 

Table 3.6  Statistical analysis: Chi-square test and Odds Ratio (OR) for the association  

                      between B. ostreae (as detected via PCR) and other pathogens as detected via  

                      histology and/or PCR (n = 94). 

Parasites/pathogens  

detected in oysters 

             B. ostreae Chi-square test for 

association 

          (P-value) 

Odds Ratio 

     (OR) Absent Present 

B. longicornutus  Absent 28 52  

              0.057 

 

7.00 
 Present 1 13 

Apicomplexan X  Absent 26 39  

              0.004 

 

  5.78 
 Present 3 26 

Bacteria  Absent    28 49  

              0.018 

 

      9.14 
 Present      1    16 

 

Table 3.7    Statistical analysis: Chi-square test and Odds Ratio (OR) for the association between  

                    histological observation of B. ostreae and other pathogens in oysters (n =  

                    60). 

Parasites/pathogens  

observed in oysters 

             B.ostreae Chi-square test for 

association 

         (P-value) 

Odds Ratio 

      (OR) Absent  Present  

B. longicornutus Absent 26      20  

            0.006 

 

7.80 
Present 2      12 

Apicomplexan X Absent     27      32  

             0.467 

 

           - 
Present       1        0 
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Bacteria Absent     25      21  

              0.037 

 

  4.37 
Present       3      11 

 

Table 3.8  Statistical analysis: Chi-square test for the association between histological  

                       observation of B. ostreae and oyster health condition (n = 94). 

Oyster health conditions                B. ostreae Chi-square test for 

association 

                 (P-value) 
Absent Present  

Live-healthy No 33 21  

               0.278 

Yes 29 11 

Live ïunhealthy No 43 18  

               0.256 

Yes 19 14 

Moribund No 48 25  

              1.000 

 Yes    15    07 

 

 

Table 3.9   Statistical analysis: Chi-square test for the association between B. ostreae presence  

                    as detected via PCR and oyster health conditions (n = 94). 

Oyster health conditions                 B .ostreae Chi-square test for 

association 

               (P-value) 
Absent  Present  

Live-healthy No 18 36  

                   0.653 

Yes 11 29 

Live-unhealthy No 22 39  

                   0.165 

Yes 7 26 

Moribund No     18 55  

                    0.030 

 Yes     11     10 

 
 

3.4 Discussion 
Flat oyster (Ostrea chilensis) samples, collected from aquaculture farms located in the Marlborough 

Sounds in 2017 in this study using histological methods showed 34% infection with Bonamia 
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ostreae, and just 1% with Bonamia exitiosa, which was a coinfection with both species. Lane 

(2018) also observed a concurrent infection of B. ostreae and B. exitiosa from the same area 

(Marlborough Sounds) during the first detection of infection in New Zealand in 2015, with 40.3% 

of flat oysters showing infection with B. ostreae, 2.7% with B. exitiosa and 53.6% showing 

coinfection of the two species by PCR. In the study of Lane (2018), an overall Bonamia spp. 

infection rate of 96.6% was recorded via PCR yet, only 79.9% Bonamia spp. infection prevalence 

was recorded via histology. In the present study, the overall prevalence of Bonamia spp. (B. ostreae 

and B. exitiosa) in flat oysters detected by PCR was 70%, whereas the total prevalence of Bonamia 

spp. observed via histology was only 34%, highlighting the importance of PCR as an accurate 

detection tool, in particular for detecting light Bonamia spp. infections (Flannery et al., 2014). 

In the present work, the abundance of B. ostreae for the whole oyster was evaluated semi-

quantitatively by a grading scale modified from Hine (1991a). This modified grading scale was 

derived as a combination of individual tissue gradings, thus providing detailed information 

regarding the number of microcells per infected haemocyte across different tissues. The modified 

grading scale is an integration of the average number of Bonamia microcells per infected 

haemocyte per tissue and the abundance of Bonamia microcells per tissue. The purpose of the whole 

oyster grading of the modified scale is to measure the overall B. ostreae infection, whilst the 

individual tissue gradings help to clarify the progression of the disease. 

In the current study, most B. ostreae infected oysters presented at grade 3 (Bonamia widespread in 

most or all tissues), a moderate number were considered grade 4 (microcells were readily observed 

in all tissues and often associated with a heavy haemocytosis) and just a few oysters were suffering 

from a severe, grade 5 infection, with microcells common in all tissues, with heavy haemocytosis 

and sometimes lesions. These findings indicate that by the time infection was detectable via 

histology, most of the oysters had a systemic infection and the Bonamia microcells were travelling 

throughout the body, infiltrating many tissues within the hosts, but only a small number showed 

tissue damage or lesions (due to rupture of haemocytes). Hine (2002a) also observed very few 

infections of B. exitiosa at grade 5 (heavy infection intensity and severe tissue damage) but most 

with grade 1, low infection intensity. Bower (1994) reported that in advanced infections, B. ostreae 

is distributed systemically; however, in early infections, microcells were often observed only within 

haemocytes and associated with heavy haemocyte infiltrations in the connective tissue of the gills 

and mantle, and the vascular sinuses around the stomach and intestine (Bower, 1994). 
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In the present study, B. ostreae microcells were recorded within haemocytes in the blood spaces of 

gills (the central part of the gill filament filled with haemolymph) and sinuses (a system of the 

circulatory system through which hemolymph largely flows). Blood spaces with B. ostreae infected 

haemocytes were also observed in oyster samples with heavy infection. These findings are 

consistent with Carnegie et al. (2006), who noted B. perspora in haemolymph sinuses of infected 

horse oysters (Ostreola equestris). Hine (2002a) also stated that B. exitiosa parasites spread from 

the haemolymph sinuses and move between Leydig cells in O. chilensis. Bower (1994) reported 

that B. ostreae are often detected within haemocytes and linked with heavy haemocytosis in the 

connective tissues and vascular sinuses. 

Bower (1994) noted that B. ostreae were frequently seen within haemocytes and linked with heavy 

haemocyte infiltrations in the connective tissue of the gills and mantle of O. edulis. Similarly, Hine 

(2002a) observed that haemocytosis in O. chilensis was often related to B. exitiosa infection. The 

current study observed the same with infection of B. ostreae in O. chilensis: haemocytosis was 

often observed in B. ostreae infected oyster tissues such as gills, mantle, the connective tissue 

around digestive tubules and gut. According to Bower et al. (2005), bacterial clusters induced by 

microorganisms were surrounded by an intense accumulation of haemocytes in the tissues of 

oysters (Crassostrea gigas) and these massive haemocyte infiltration responses act as a flag to help 

to locate the pathogens. Therefore, Bonamia parasite associated haemocytosis in this study also 

indicates immunological tissue responses which help to detect B. ostreae in the oyster tissues. 

Another immunological tissue response noted in the current study was brown pigmentation, which 

could be ceroid granules. These were noted in tissues including the digestive tubules, gills, mantle 

and gut of O. chilensis in this study. Ceroid granules were frequently noticed in many tissues, but 

mostly in the mantle, gonad and digestive gland interstitial tissues in various mollusc species by 

Webb and Duncan (2019) and digestive tubules of bivalves (Mytilus galloprovincialis) by Carella 

et al. (2015a). Moreover, Apeti et al. (2014) stated that ceroid is common in American oysters 

(Crassostrea virginica). According to Wood and Yasutake (1956), ceroid build up is caused by 

toxicity or disease. 

Diapedesis was noticed in the mantle, gills and gut of O. chilensis with heavy infection of B. ostreae 

in the present study, and the infection seemed to be related to haemocyte destruction caused by the 

rapid increase of the parasite within haemocytes. Similar findings were observed by Bower et al. 

(1994) who reported that B. ostreae was associated with diffuse or generalised infections causing 

haemocyte destruction and diapedesis in European flat oysters (Ostrea edulis) due to the 
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proliferation of B. ostreae. Balouet et al. (1983) and Berthe (2004) also observed haemocyte 

destruction and diapedesis because of the rapid growth of B. ostreae in O. edulis in Brittany, 

western France. According to Hine (1991a), B. exitiosa infected haemocytes are initially observed 

in connective tissue, then, they can be found in all the tissues as the infection progresses and finally, 

they leave the oystersô tissues either by tissue leakage, haemocyte diapedesis, or host 

decomposition. Moreover, Hine (1991a, b) reported that Bonamia microcells infect the host during 

feeding where they pass through the oyster gut wall and infect their haemocytes. In the present 

study, diapedesis with B. ostreae microcells was noted in the gut epithelia, gills and mantle tissues, 

which hints that Bonamia microcells within haemocytes passed from one tissue to outside of the 

oyster through the process of diapedesis. Thus, diapedesis from gut epithelium to the lumen and 

from gill/mantle epithelium to the mantle cavity or external environment may be an important route 

for B. ostreae transmission in O. chilensis. 

According to Elston et al. (1986), during feeding or respiration, B. ostreae passes from one infected 

flat oyster to nearby oysters. In addition, after infecting the oysters, the parasite proliferates in the 

haemocytes and they multiply to produce up to 20 parasites (Dunn et al., 2000; Elston et al., 1986). 

According to Lallias et al. (2008), a single highly infected flat oyster (O. edulis) contained 443×106 

B. ostreae. Bower et al. (1994) noted that most flat oysters die frommuch heavier infections of B. 

ostreae. Hine (1991a, b) reported that after oyster deaths, Bonamia microcells freed and circulated 

into the water and finally, infect a new host. Although live oysters spread Bonamia microcells 

during feeding and respiration (Elston et al., 1986), dead ones spread even more because they shed 

the entire population when they die. Therefore, dead flat oysters are very important in disease 

transmission since they release large numbers of microcells into the water upon death. Although 

Brehélin et al. (1982) more often observed B. ostreae in moribund or dead oysters (O. edulis), in 

the present study, the heaviest infection (abundance) of B. ostreae was noted in live unhealthy 

oysters and the lowest infection (abundance) was found in moribund/dead oysters which indicate 

that the moribund oysters may have already lost or freed their microcells or were ill from another 

cause. 

Other pathogenic parasites were recorded in the connective tissue around digestive tubules and 

gonads, gills and the gut of O. chilensis in the present study. These included Bucephalus 

longicornutus (with many sporocysts and cercaria) and apicomplexan parasite 'X' (APX). B. 

longicornutus and APX were also detected in O. chilensis by Hine and Jones (1994), Hine (2002a; 

2002b; 1997; 1991a), Webb (2013), Lane et al. (2016), and Webb and Duncan (2019). In this study, 

the concurrent infections of B. ostreae with B. longicornutus, APX and bacteria were recorded in 
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different tissues of oysters. Co-infections of B. ostreae with APX and B. longicornutus were also 

observed by Lane et al. (2016). In the current study, an association between the infection of B. 

ostreae and the infection of B. longicornutus was demonstrated. According to Howell (1963) and 

Millar (1963), mass mortalities of flat oysters in Foveaux Strait, New Zealand occurred due to 

heavy infection of B. longicornutus (sporocysts and cercariae). Another parasite is APX which is 

endemic in New Zealand and the second most important pathogen in O. chilensis, following 

Bonamia spp. (Hine, 2002b; Webb, 2013). According to Hine (2002a), apicomplexan zoites may 

increase the susceptibility of oysters to B. exitiosa by occupying and destroying haemocytes and 

connective tissue cells and utilising the glycogen reserves of oysters. In this study, coinfection of 

B. ostreae with APX was observed in oysters and an association between the infection of B. ostreae 

and the infection of APX (PCR results) was found. Hine (2002a) noted that apicomplexan zoites 

with very light infection occurred in the connective tissue Leydig cells (CTC) around the 

haemolymph sinuses but haemocytosis occurred in heavy infections, causing congestion of CTC. 

Subsequent distribution of the zoites was related to CTC with early infections and forcing the zoites 

into the CTC of the gills (Hine, 2002a). Both Bonamia microcells and apicomplexan zoites appear 

in haemocytes (in which they undergo multiplication) and their pattern of distribution in oyster 

tissues might be similar (Hine, 1991a). 

Several other parasites and pathogens such as Microsporidium rapuae, intracellular microcolonies 

of bacteria (IMCs), gymnophallid-like metacercaria, copepods and bacteria were observed in 

different tissues of oysters. M. rapuae, copepods and Rickettsia/intracellular microcolonies of 

bacteria (IMCs) were also observed in O. chilensis by Webb (2013), Lane et al. (2016), and Webb 

and Duncan (2019). M. rapuae observed in this study is not thought to be pathogenic and was 

only observed in a single specimen. Webb (2013) stated that cysts of M. rapuae are non-

pathogenic and occur in connective tissue near the digestive tubules in O. chilensis. 

Intracellular microcolonies of bacteria (Rickettsia-like organisms) are common in the digestive 

epithelium of flat oysters without any significant pathological effects (Hine, 1997; Webb & 

Duncan, 2019). Copepods have been reported in several New Zealand bivalves with haemocytosis 

but their impact on the host may be not significant (Apeti et al., 2014; Caceres-Martinez & 

Vasquez-Yeomans, 1997; Webb & Duncan, 2019). Gymnophallid-like metacercaria is common in 

bivalves and most have no adverse effect on cultured bivalves (Webb, 1999). Travers et al. (2015) 

also identified Vibrio bacteria in marine bivalves. According to Webb and Duncan (2019), stressed, 

moribund and dead animals sometimes showed bacteria (rods and cocci) which related to autolytic 

and necrotic alterations in the epithelial surfaces of gills, mantle cavity and organ surfaces within 

the body cavity of bivalves (P. canaliculus, C. gigas, O. chilensis and M. galloprovincialis). 
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Therefore, Bonamia parasites along with other parasites and pathogens are common in oysters and 

other bivalves, and they are often associated with mild infection to mass mortalities (Bonamia being 

the most important component) in marine bivalves. 

 

3.5 Conclusions 
This study confirmed the presence of Bonamia ostreae and determined its prevalence and 

abundance in different tissues of flat oysters (Ostrea chilensis). A modified grading scale was used 

to determine B. ostreae infection levels of oysters, as well as to provide a means of investigating 

B. ostreae disease progression. This grading scale assessed the haemocyte presence in a variety of 

tissues within oysters and gives an indication of B. ostreae infections in those sites. Oysters 

presented systemic Bonamia infection with a small number showing tissue damage or lesions. 

Microcells of Bonamia spp. were recorded within haemocytes surrounding various tissues (gills, 

mantle, the connective tissue around digestive tubules and haemocytes surrounding the gut) as well 

as in the blood spaces of gills and mantle sinuses. Diapedesis was noticed in tissues including gut 

epithelia, gills and mantle where haemocytes contained B. ostreae microcells, and suggested a route 

of disease transmission. B. ostreae infection was detected mostly in live unhealthy oysters rather 

than the moribund/dead oysters indicating that moribund oysters may had shed their microcells or 

been ill due to other factors. Prevalence of Bucephalus longicornutus, APX, Microsporidium 

rapuae, Gymnophallid-like metacercaria, IMCs, copepods and other bacteria was also recorded. 

This study demonstrated an association or interaction between the infection of B. ostreae and the 

infection of B. longicornutus and APX in oysters. These findings provide new insights into B. 

ostreae disease development, host-parasite interactions, and transmission mechanisms in O. 

chilensis and may assist with disease management strategies for the wild harvest and future 

aquaculture industries. 
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Chapter 4 

Perkinsus olseni and other parasites and 

abnormal tissue structures in New 

Zealand GreenshellÊ mussels (Perna 

canaliculus) across different seasons 

 

 

           bŜǿ ½ŜŀƭŀƴŘ DǊŜŜƴǎƘŜƭƭϰ ƳǳǎǎŜƭǎ όPerna canaliculus) 
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Abstract: The New Zealand GreenshellÊ mussel (Perna canaliculus) supports the largest 

aquaculture industry in the country. However, summer mortality events and potential disease 

outbreaks may threaten the growth of this industry. As an approach to gauging potential threats 

through the seasons, a detailed histopathological examination was conducted on 256 adult cultured 

mussels, collected from a farm between April 2018 to September 2019, which covered the austral 

autumn, winter, spring and summer seasons. Histological sections followed by confirmatory in situ 

hybridization (ISH) resulted in the identification of Perkinsus olseni at an overall prevalence of 

56%. Other parasites and pathogens were identified by histology: apicomplexan parasite X (APX) 

(78%), copepods (Pseudomyicola spinosus or Lichomolgus uncus) (1%), Microsporidium rapuae 

(1%), intracellular microcolonies of bacteria (IMCs) (2%) and, bacilli and cocci bacteria (4%) in 

gills, mantle, gonads, digestive epithelium and digestive tubules. There was a significant 

association between P. olseni and APX infection in mussels. This is the first report on seasonal 

variations of P. olseni and APX in New Zealand GreenshellÊ mussels. There was a significant 

association between seasons and the presence of P. olseni and APX in mussels. A significant 

positive association between the brown material accumulation and parasites (P. olseni and APX) 

and between haemocytosis and P. olseni infections were recorded. A significant association 

between presence of parasites and health condition (healthy and unhealthy) of mussels was 

observed. Moreover, a significant association between digestive tubule deterioration (large lumen, 

with a thin epithelial wall) and P. olseni infection was noted. Therefore, this study provides 

information regarding the infections of potential parasites and pathogens for the first time in P. 

canaliculus, their seasonal variations and host-parasite interactions within a commercial farm. 
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4.1 Introduction 
New Zealand GreenshellÊ mussels (Perna canaliculus) are endemic to New Zealand and support 

the largest aquaculture industry in the country. Unlike other shellfish species, both cultured and 

wild GreenshellÊ mussels have had relatively few disease issues (Castinel et al., 2019), but they 

are affected by several pathogens and parasites; including Vibrio spp. (Kesarcodi-Watson et al., 

2009a, b), digestive epithelial virosis (Diggles et al., 2002a), Microsporidium rapuae and 

Bucephalus spp. (Castinel et al., 2019; Webb, 2008), Tergestia agnostomi (Jones, 1975), rickettsiae 

and apicomplexan parasite X (Hine, 2002a, b; Webb, 2013), and Perkinsus olseni (OIE, 2017; 

Webb & Duncan, 2019). Among them, the main pathogens and parasites of interest are P. olseni 

and APX, affecting these mussels (OIE, 2017; Suong, 2018). 

P. olseni is a significant parasite associated with inflammatory responses and mass mortalities, in 

Haliotis laevigata (Goggin & Lester, 1995), where the presence of this parasite has just been 

reported for the first time in farmed P. canaliculus from the top of the South Island in New Zealand 

in 2014 (OIE, 2017), then in 2018 (Webb & Duncan, 2019). Perkinsus spp. (P. olseni and P. 

marinus) a ect a variety of bivalve species around the world and are linked with severe mortalities 

(Ramilo et al., 2015; Villalba et al., 2011). Heavy Perkinsus spp. (P. marinus) infection results in 

the accumulation of massive haemocyte accumulation in epithelia, connective tissue, muscle fibres 

and blood spaces close to the parasite (Villalba et al., 2004). Moreover, the haemocytes 

phagocytose P. marinus cells and the phagocytosed parasites multiply inside the haemocytes 

causing them to rupture (Villalba et al., 2004). Therefore, P. marinus are involved with tissue 

damage and deformation of infected organs (La Peyre et al., 1995; Mackin, 1951; Perkins, 1996), 

and may eventually lead to organic abnormalities and death (Choi & Park, 2010). Mortalities 

associated with P. olseni infection are especially acute when environmental circumstances (e.g., 

elevated temperatures, increased salinity, host density) are favourable for the proliferation, activity 

(e.g., cell division, metabolism, reproduction) and transmission of the parasite (Park & Choi, 2001; 

Soudant et al., 2013; Villalba et al., 2004). Furthermore, studies reported the influence of 

temperature in the occurrence of annual patterns of perkinsosis (diseases caused by P. olseni and 

P. marinus) in the clam Tapes decussatus (Casas, 2002). Although some studies have focused on 

the annual and seasonal patterns of P. olseni infections in clams (Ruditapes philippinarum and T. 

decussatus) (Casas, 2002; Dang et al., 2010; Lassalle et al., 2007; Villalba et al., 2005), there is no 

information on infection by P. olseni and its seasonal variations in mussels (P. canaliculus). 

Another potential parasite of New Zealand shellfish is apicomplexan X (APX), which is endemic 

to New Zealand and reported in different bivalves, such as Ostrea chilensis (Diggles et al., 2002a; 
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Hine, 2002a), P. canaliculus (Suong, 2018; Suong et al., 2019; Webb, 2013), Mytilus 

galloprovincialis and Modiolus areolatus (Suong, 2018; Suong et al., 2019). APX is often seen in 

the haemolymph sinuses and supra branchial sinuses of flat oysters, Ostrea chilensis (Hine, 2002a), 

but lesions are noticed in the digestive tract, gills and mantle with associated mortalities in acute 

APX infections (Hine, 2002a; Webb & Duncan, 2019). In addition, heavy infections of APX in flat 

oysters are related to the destruction of haemocytes and connective tissue (Hine, 2002a), and the 

depletion of host glycogen (Hine, 2002a; Suong, 2018). Furthermore, APX zoites frequently cause 

severe infection in oysters during the peak spawning period (summer or autumn) (Hine, 2002a). 

While seasonal changes of APX infection in New Zealand oyster Ostrea chilensis have been 

reported (Hine, 2002a), such studies on the mussel P. canaliculus are lacking. 

Observations of inflammatory responses, tissues damages, or abnormal tissue morphologies in 

histology can be the signs of pathogenic and parasitic infection in shellfish. Inflammatory responses 

following pathogenic and parasitic infections, such as those caused by Perkinsus spp. are local 

defence reactions in host tissues (Cone, 2001; Choi & Park, 2010). The inflammatory response may 

be seen as abnormally elevated numbers of haemocytes in a tissue area (haemocytosis). This 

accumulation of haemocytes has been described as an attempt by the host to destroy, dilute or 

isolate the invading factors (Sparks, 1972). Another immunological tissue response is the presence 

of brownish-yellow pigmentation, (ceroid material or lipofuscin) frequently observed across tissues 

in many molluscan species (Webb & Duncan, 2019) and generally occurs in the vicinity of 

parasites, such as APX (Webb & Duncan, 2019). This brownish-yellow pigment is also associated 

with inflammation and contamination or necrotic lesions in Crassostrea virginica (Wood & 

Yasutake, 1956; Zaroogian & Yevich, 1993). 

In addition to the occurrence of known pathogens and parasites, other conditions are also 

encountered in shellfish, including digestive gland and gill pathology caused by pathogens and 

parasites (Perkinsus) (Lee et al., 2001; Choi & Park, 2010). Digestive gland pathologies, such as 

abnormal tubule structures and lumen modifications, including thinning, sloughing and damage 

were seen in other bivalves Cardium edule, Crassotrea virginica and Mytilus galloprovincialis 

(Carella et al., 2015a; Morton, 1970; Winstead, 1995, 1998) have also been observed in P. 

canaliculus (Webb & Duncan, 2019). These digestive tubule abnormalities and morphological 

changes may occur during the digestive process or under stress conditions, such as changes in the 

food supply, starvation, or exposure to pollutants and biotoxins (Ellis et al., 1998; Rolton et al., 

2019; Smolowitz & Shumway, 1997). The pathological changes in the digestive gland of the mussel 

(Crenomytilus grayanus) may be caused by chronic pollution and parasitic infestation (Usheva et 



 

77 
 

al., 2006), and affect the absorptive capacity of the digestive system. Another condition where 

causality is usually uncertain is the pathology of the gills, such as epithelial erosion, loss of cilia 

(Webb & Duncan, 2019) and alterations in the ciliary disks (the attachment connecting gill 

filaments laterally along their length) (Sunila & Lindstrom, 1985) which are common in aquaculture 

species. Depending on the level of the erosion and the extent of the obstructed area, the erosion of 

the gill epithelial cells could disrupt respiratory function (Webb & Duncan, 2019). In addition, the 

ciliary disks prevent gill filaments from separating in the mussels (de Oliveira David et al., 2008). 

Therefore, alterations in the ciliary disks of mussels will cause the gill filaments to separate and 

may lead to the disruption of the entire gill structure (de Oliveira David et al., 2008). 

It is well known that seasonal temperature changes have a significant impact on the pathogen and 

parasite load in bivalves (Aagesen & Häse, 2014; Malham et al., 2009; Viergutz et al., 2012). Some 

parasites show positive responses to increases in temperature, including the increased transmission 

of parasites between hosts (Mouritsen & Jensen, 1997; Moore et al., 2000; Poulin, 2006) and can 

modify host-parasite interactions (Malek & Byers, 2018). Furthermore, a parasite such as P. 

marinus may expand its geographical range due to climate-induced rises in winter water 

temperatures (Ford & Chintala, 2006; Ford & Smolowitz, 2007). Although such increasing water 

temperatures have been reported to be associated with massive mortalities in P. canaliculus during 

summer (Dunphy et al., 2015), little is known about the relationship between seasonal temperature 

changes and parasitic and pathogenic infections in this species. 

This study reports on presence of parasites and health conditions in Perna canaliculus collected 

from Kaiaua mussel farms. In this study, a detailed histopathological examination of a targeted 

survey/sampling of farmed mussels (P. canaliculus) was undertaken to identify potential pathogens 

and parasites and their seasonal variations, as well as to study the immunological tissue responses 

to pathogens and parasites to gauging potential threats (summer mortality events and potential 

disease outbreaks) at the farms. The prevalence and abundance of parasites (e.g., trophozoites of 

Perkinsus olseni, zoites of APX), inflammatory tissue responses (haemocytosis, ceroid material) 

and abnormal tissue structures (especially in the gills and digestive tubules caused by pathogens 

and parasites) which are indicative of host health condition (Howard et al., 2004), were assessed 

with quantitative and semi-quantitative approaches. 
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4.2 Materials and methods 

4.2.1 Sample collection, Histology and In-situ hybridization (ISH) 
A total of 256 adult (2 years old) mussels (shell size ranging from 69.2 to 121 mm, mean±SE of 

94.2±0.9 mm), from the same batch of seed were obtained from Kaiaua mussel farms (Whakatiwai, 

New Zealand: 37Ǔ02ǋ 51.2ǋǋ S 175Ǔ18ǋ56.1ǋǋ E) between April 2018 to September 2019 (20 samples 

each month were collected randomly) and transported to the Auckland University of Technology 

(AUT) laboratory, Auckland, New Zealand. The monthly sampling covered the austral summer 

(average temperature 21°C; months: December, January, February), autumn (average temperature 

17°C; months: March, April, May), winter (average temperature 12°C; months: June, July, August) 

and spring (average temperature 14°C; months: September, October, November). 

 

On arrival, specimens were processed on the same day. After measuring the weight and shell length, 

specimens were shucked and the soft parts sectioned to give a 2ï5 mm thick tissue slice (Howard 

et al., 2004) followed by standard histological processing (OIE, 2016). The tissue slices were placed 

in histological cassettes, fixed in 4% formalin (1-part concentrated formalin solution plus 9 parts 

filtered seawater) for 48 h, then stored in 70% ethanol and processed for paraffin histology (Luna, 

1968). Specimens were dehydrated in a series of ascending ethanol concentrations with two 

changes of xylene and then embedded in paraffin wax. Sections of 5 ɛm were obtained using a 

microtome. Slides with adhering tissue sections were dewaxed in xylene and then rehydrated 

through a descending series of ethanol concentrations followed by distilled water. Slides were 

stained with regressive Mayerôs haematoxylin and eosin (H&E) stains, rinsed with deionized water 

and then taken through an ascending series of ethanol concentrations. After that, slides were rinsed 

in two changes of xylene. Then, DPX mountant was used to seal glass coverslips over the sections. 

 

4.2.2 Quantitative and semi-quantitative evaluation of parasite infections, 

inflammatory tissue responses and abnormal tissue structures 
 

The relative abundance of P. olseni was evaluated by a semi-quantitative grading scale modified 

from Rayôs scale (1954) and adapted by da Silva et al. (2013). Rayôs scale (1954) estimated the 

intensity of infection in cultured tissues and the scale of da Silva et al. (2013) estimated the intensity 

of infection with Perkinsus spp. from the tissues stained with Lugolôs solution (diagnosed 

Perkinsus spp. by Rayôs fluid thioglycollate medium). Thus, a modified scale was used in this study 

to evaluate P. olseni infection of histological sections (Table 4.1). Since the scale (0-4) modified 

from Rayôs scale was not suitable for evaluating the abundance of APX, another grading scale (0-
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5) modified by Hine (2002b) was used in this study to assess the relative abundance of APX [Hineôs 

scale classified APX infected oysters into one to five grades of the intensity of infection]. Although 

Hineôs scale evaluated APX infection from histological sections, observed parasites (zoites) 

numbers were not included in that grading scale (1-5). In this modified grading scheme (0-5) for 

APX infection, observed parasites (zoites) number for each scale were mentioned (Table 4.2). In 

the current study, the semi-quantitative grading scales were based on grading from 0 (indicating no 

infection) to 4 (indicating a high level of infection) for P. olseni and from 0 (indicating no infection) 

to 5 (indicating a high level of infection) for APX. 

 

Table 4.1  Whole animal grading for P. olseni infection (for each mussel, 10 random fields for  

                   each tissue were examined at 100× magnification). 

Score Grading scale  Description 

0 Null infection  No trophozoites observed after extensive searching of all 

tissues for 5 minutes per slide 

1 Very light infection  Up to 10 trophozoites (in total) observed after extensive 

searching of all tissues (5 minutes) 

2 Light infection  11-20 trophozoites observed per tissue 

3 Moderate infection  >20-40 trophozoites readily observed in all tissues, 

scattered throughout the slide 

4 Heavy infection  >40 trophozoites present in all tissues 

 

 

Table 4.2  Whole animal grading for APX infection (for each mussel, 10 random fields for each  

                   tissue were examined at 100× magnification). 

Score Grading scale Description 

0 Null infection No parasites (zoites) observed after extensive searching 

of all tissues for 5 minutes per slide 

1 Light infection A few (<5) parasites (zoites) present (in total), only 

observed after extensive searching of all tissues (5 

minutes) 

2 Light to moderate infection >5-20 parasites (zoites) observed per tissue 

3 Moderate infection >20-40 parasites (zoites) readily observed in all tissues, 

scattered throughout the slide 

4 Moderate to heavy >40-100 parasites (zoites) present in all tissues 

5 Heavy infection >100 parasites (zoites) present, and tissues congested 

 

The abundance of P. olseni and APX for different tissues, including gills, mantle, the connective 

tissue around digestive tubules, gonads and digestive epithelium was evaluated with a grading scale 

from 0 to 4 (Table 4.3). Hineôs (2002b) scheme recorded the distribution of APX zoites in different 

areas (tissues) of the oyster (Ostrea chilensis) at different levels of intensity (Grades 1-5) of 
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infection. Observed parasites (zoites) numbers were not included in Hineôs scale. However, in this 

modified grading scheme (0-4) for APX infection and (0-3) for P. olseni infection, observed 

parasites (trophozoites or zoites) number per tissue of mussels for each scale were mentioned 

(Table 4.3). Therefore, this modified scheme is more appropriate for evaluating tissue grading of 

P. olseni and APX infection in New Zealand GreenshellÊ mussel (Perna canaliculus). 

Table 4.3  Tissue grading for P. olseni (0-3) and APX (0-4) infection (for each mussel, 10 random  

                  fields for each tissue were examined at 100× magnification). 

Score Grading scale Description 

0 Null infection Parasites (trophozoites/zoites) absent in tissue 

1 Low infection 1-5 parasites (trophozoites/zoites) present per tissue 

2 Medium infection >5-20 parasites (trophozoites/zoites) present per tissue 

3 High infection >20-40 parasites (trophozoites/zoites) present per tissue 

4 Extremely high 

infection 

>40 parasites (zoites) present per tissue 

 

4.2.3 Inflammatory responses 
Inflammatory responses, such as haemocytosis and ceroid material in gills, mantle, and the 

connective tissue around digestive tubules, gonads and digestive epithelium were evaluated semi-

quantitatively on a scale of 1-3, where Grade 1 = Light (few, <30 haemocytes per field at 40× 

magnification), Grade 2 = Moderate (medium number, 31-200 of haemocytes per field at 40× 

magnification), and Grade 3 = Heavy (high number, >200-500 of haemocytes per field at 40× 

magnification). All samples had some presence of haemocytes as this is the normal condition. 

Haemocyte proliferation (diffuse and focal hemocytosis) in blood spaces and tissues were observed. 

In P. canaliculus, hemocytosis can be a sign of infection by parasites (copepods or Perkinsus) 

(Webb & Duncan, 2019) and heavy haemocytosis might be indicative of health problems. 

 

A semi-quantitative scale of 1-3 was also applied to the amount of observed inflammatory response 

in the form of ceroid material, where Grade 1 = Light (low concentration of ceroid material), Grade 

2 = Moderate (medium concentration of ceroid material) and Grade 3 = Heavy (high concentration 

of ceroid material) (Muznebin et al., 2021). Ceroid material is often recognized as intra and 

extracellular granules associated with haemocytes (granulocytes and hyalinocytes) and may 

indicate an immune response (Webb & Duncan, 2019). 

 

4.2.4 Tissue conditions 
Digestive tubule structures and gill structures were also assessed semi-quantitatively (Table 4.4, 

4.5). 
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4.2.4.1 Digestive tubule structures 

A grading scale (1-4) was applied for evaluating digestive tubule structures, where Grade 1 = 

Very healthy, Grade 2 = Healthy to fair, Grade 3 = Poor and Grade 4 = Very poor (Table 4.4) 

[D1-D4 stand for the grading scale of digestive tubule pathology].  
  

Table 4. 4 Grading for digestive tubule structures (Fig. 4.14A-D). 

Score Grading scale Description 

1 Very healthy  Normal, cruciform or Y shaped lumen (D1) (Fig. 4.14A) 

2 Healthy to fair Normal lumen but sloughed epithelial cells inside lumen (D2) (Fig. 

4.14B) 

3 Poor  Small or no lumen (D3) (Fig. 4.14C)  

4 Very poor  Large lumen, with a thin epithelial wall (D4) (Fig. 4.14D) 

 

4.2.4.2. Gill structures 

A typical arrangement of mussel gills is composed of ascending and descending lamellae (Sunila 

& Lindström, 1985). Each gill lamellae consisted of filaments that have three different zones: 

frontal, intermediate and abfrontal (Gregory et al., 1996). The frontal zone differs from other zones 

by the presence of ciliated cells. Filaments are laterally joined along their length at regular intervals 

by discrete ciliary discs or ciliary junctions. Ciliary discs are formed by condensed tufts of simple 

cilia, which are fixed from a base extended from the latero-abfrontal surfaces of the lamellae (Akĸit 

& Mutaf, 2014; Gregory et al., 1996). Interfilamentar junctions break up can occur either in a 

mechanical or chemical method (Sunila & Lindström, 1985). The ciliary discs of an interfilamentar 

junction can be changed and separated by the exposure of copper or cadmium (Sunila & Lindström, 

1985). In this study, ciliary discs of Perna canaliculus can be atrophied or separated due to infection 

of parasites and might be indicative of health issues. 

 

Gill structures were evaluated by a semi-quantitative grading scale (1-3), where Grade 1 = Healthy, 

Grade 2 = Fair and Grade 3 = Poor (Table 4.5). 

[C1-C3 stand for the grading scale of gill pathology] 

 

    
Table 4.5 Grading for gill structures (Fig. 4.15A-D). 

Score Grading scale  Description 

1 Healthy  Normal structure with ciliated lateral cilia in the frontal zone, with 

ciliary discs in the abfrontal zone of gill filament and a medium 

number of haemocytes in the gill haemolymph space (G1) (Fig. 

4.15A, B & C) 
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2 Fair  Ciliary discs appear in the abfrontal zone and destroyed/broken 

epithelium of gill filament and with few haemocytes in the gill 

haemolymph space (G2) (Fig. 4.15D) 

3 Poor  Without ciliated lateral cilia, ciliary discs are atrophied/separated in 

the abfrontal zone of gill filament and very few haemocytes in the gill 

haemolymphspace (G3) (Fig. 4.15E & F) 

 

 

4.2.5 Statistical analyses 
Statistical analyses were performed using Pearsonôs chi-square test with IBM® SPSS® Statistics 

software (version 23). Pearsonôs chi-square test statistics and the associated p-values were applied 

for the comparisons between seasons and parasites, the association between P. olseni and APX 

infection, the association between haemocytosis and parasites infection and the association between 

tissue conditions and parasites infection and the association between health conditions and parasite 

infections. Prevalence of parasites and season* year were analyzed via two-way ANOVA. 

Associations were statistically significant at p < 0.05. 

 

4.3 Results 

4.3.1 Epidemiological parameters of P. olseni infection 
Histological sections, followed by confirmatory in situ hybridization (ISH), resulted in the 

identification of Perkinsus olseni at an overall prevalence of 56%. Most P. olseni infected mussels 

were in whole animal grade 1 (prevalence 45%, n = 112), whereas, 0.4% (n = 1) were determined 

as grade 4. 

Trophozoites of P. olseni were observed in the connective tissue surrounding the digestive tract 

epithelium, digestive tubules and gonads. They were also seen in the blood space of gills and 

outside the gill epithelium, in the space between digestive tubules, mantle, and adductor muscle 

(Fig. 4.17). Most organs/tissues showed a low prevalence (2-25%) of P. olseni. In gills, 20% of the 

mussels were infected with P. olseni at level 1. In the mantle, 10% of mussels showed P. olseni 

infection at grade 1 and 1% were suffering from a severe infection at grade 3. In the connective 

tissue around digestive tubules, 30% and 9% of the mussels were infected with P. olseni at grades 

1 and 2, respectively. 13-15% of the mussels presented infection by P. olseni at grade 1 in the 

connective tissue surrounding digestive epithelium and gonads (Fig. 4.1). 
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Figure 4.1 Cumulative percentage of P. olseni abundance grading (0-3) of mussels in different  

                     tissues, N = 256 (abundance here applied only to organs/tissues rather than the whole  

                     mussel). 

 

The highest prevalence (80%-95%) of mussels with P. olseni infection was recorded in March 

2019, May 2019 and July 2019, respectively (Table 4.6). 

 

Table 4.6 Prevalence of P. olseni associated with mussels in different months [n = number of  

                    mussels infected with parasites] 

Months & Years Sample/mussels  

examined (N) 

Perkinsus olseni 

prevalence (%) 

Perkinsus olseni 

frequency (n) 

Apr. 2018  18 50   9 

May 2018  20 45   9 

July 2018  20 15   3 

Oct. 2018  20 65 13 

Nov. 2018  20 60 12 

Jan. 2019  20 35   7 

Feb. 2019  20 70 14 

Mar. 2019  20 95 19 

May 2019  18 80 16 

June 2019  20 75 15 
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July 2019  20 80 16 

Aug. 2019  20 30   6 

Sep. 2019  20 35   7 

 

A high number (60-61%) of mussels showed P. olseni infection at grade 1 in October 2018, March 

2019, May 2019, June 2019 and July 2019 (Fig. 4.2). 

 

 

Figure 4.2 Cumulative percentage of P. olseni abundance grading (whole animal grading = 0-4) of  

                    mussels in different months. 

 

The highest prevalence (70%, n = 53) of mussels with P. olseni infection was recorded in 

autumn.53% of mussels presented with P. olseni infection in both spring and summer (Fig. 4.3). 

 

A Pearsonôs chi-square test resulted in a significant association between seasons (summer, winter, 

spring and autumn) and the presence of P. olseni in mussels (p-value = 0.029). The prevalence of 

P. olseni in summer, winter and spring are the same. However, the prevalence of P. olseni in autumn 

was significantly higher than in the other three seasons. A significant (p-value = 0.004) number of 
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P. olseni was detected in mussels in both years (2018 and 2019) and seasons (summer, winter, 

spring and autumn) (2-way ANOVAôs). 

 

Figure 4.3 Mean prevalence (±SE) of P. olseni in summer, winter, spring and autumn. [summer  

                   (n = 40), winter (n = 80), spring (n = 60), autumn (n = 76)]. 

 

In autumn, mussel samples presented a high abundance (n = 40, 53%) of P. olseni with grade 1 

(very light infection) and 16% of the mussels (n = 12) presented P. olseni abundance with grade 2. 

8% (n = 6) of the mussels showed a mild infection (grade 2) by P. olseni in winter, spring and 

summer. In winter, 4% (n = 3) of mussels were infected with P. olseni at a medium level (grade 3). 

In contrast, grade 3 infection of P. olseni in mussel samples was not recorded during the summer. 

The severe infection of P. olseni (grade 4) in mussels was only noticed in winter (Fig. 4.4). 

There was no significant association between seasons (summer, winter, spring and autumn) and P. 

olseni abundance gradings (0-4) in mussels (Pearsonôs chi-square test, p-value = 0.233). 
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Figure 4.4 Cumulative percentage of P. olseni abundance grading (0-4) of mussels in different  

                     seasons (summer, winter, spring and autumn) [summer (n = 40), winter (n = 80), spring               

                     (n = 60, autumn (n = 76)]. 

 

4.3.2 Epidemiological parameters of APX infection 
Out of total 256 mussel analyzed, 78% (n = 199) were APX positive. Most APX-infected mussels 

were in whole animal grade 2 (prevalence 27% [This is prevalence of the infection at this grade], 

n = 68) and only 2% (n = 4) had severe infection with abundance at grade 5. 26% of mussels (n = 

67) were at APX abundance grade 1 and 22% (n = 57) had no observable APX infection (whole 

animal abundance grade 0). 

 

Individual tissue grade 0 (null infection) with APX in the gills, mantle, adductor muscle, the 

connective tissue surrounding digestive tract epithelium, digestive tubules and gonads were 

observed from 45-79% mussels. For 31-37% of APX infected mussels with abundance grade 1, 

infections were observed in the mantle, and the connective tissue surrounding digestive tract 

epithelium and gonads. On the other hand, only 0.4% (n = 1)-1% (n = 3) of mussels presented a 
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tissue grade 4 (extremely high) infection of APX in the mantle and the connective tissue around 

digestive tubules and digestive epithelium. 3% of mussels was suffering from a high infection of 

APX with individual tissue grade 3 in the mantle and the connective tissue around digestive tubules 

(Fig. 4.5). 

 

Figure 4.5 Cumulative percentage of APX abundance grading (0-4) of mussels in different tissues,  

                    N = 256 (abundance here applied only to organs/tissues rather than the whole mussels). 

 

The highest prevalence (100%) of mussels with APX infection was observed in June 2019, August 

2019 and September 2019 (Table 4.7). 

 

Table 4.7 Prevalence of APX associated with mussels in different months [n = number of  

                  mussels infected with parasites]. 

Months & Years Sample/mussels 

examined (N) 

APX 

prevalence (%) 

APX 

frequency (n) 

Apr. 2018 18 72 13 

May 2018 20 55 11 

July 2018 20 60 12 

Oct. 2018 20 85 17 

Nov. 2018 20 70 14 
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Jan. 2019 20 65 13 

Feb. 2019 20 45   9 

Mar. 2019 20 75 15 

May 2019 18 94 17 

June 2019 20               100 20 

July 2019 20                 90 18 

Aug. 2019 20               100 20 

Sep. 2019 20               100 20 

 

The highest prevalence (88%, n = 70) of mussels with APX infection was noted in winter. On the 

other hand, only 55% of mussels had APX infection in summer, a lower percentage than in other 

seasons (Fig. 4.6). 

There was a highly significant association between seasons (summer, winter, spring and autumn) 

and the presence of APX in mussels (Pearsonôs chi-square test, p-value < 0.001). The prevalence 

of APX in winter and spring was almost the same. However, the prevalence of APX in autumn and 

summer was different from each other and also from the other two seasons. A significant (p = 

0.004) number of APX was detected in mussels in both years (2018 and 2019) and seasons 

(summer, winter, spring and autumn) (2-way ANOVA). 
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Figure 4.6 Mean prevalence (±SE) of APX in summer, winter, spring and autumn. [summer (n  

                    = 40), winter (n = 80), spring (n = 60), autumn (n = 76)]. 

 

A high number (45%) of mussels with heavy APX infection at whole animal grade 4 were recorded 

in June 2019. 50% mussels infected with APX abundance grade 3 in July 2019. The highest number 

of mussels (60%) with APX abundance whole animal grade 2 was found in September 2019. A 

higher number (55%) of mussels had no observable APX infection (grade 0) in February 2019. 

55% of mussels presented with APX abundance grade 1 in March 2019. Mussels with medium to 

heavy (grade 3-grade 5) infection of APX was recorded in May 2019, June 2019, July 2019 and 

August 2019 (Fig. 4.7). 

 
 

Figure 4.7 Cumulative percentage of APX abundance grading (whole animal grading = 0- 

                      5) of mussels in different months 

 

In summer, 45% of the mussels (n = 18) had no observable APX infection (grade 0). On the other 

hand, 40-43% of mussels presented with an APX abundance at grade 1 in autumn and grade 2 in 

spring. 4% (n = 3) and 1% (n = 1) of the mussels were infected with a severe APX infection 

0

20

40

60

80

100

120

C
u

m
u

la
ti
ve

 %
 o

f 
A

P
X

  
a
b

u
n

d
a
n

ce

Observation months

Grade 0 Grade 1 Grade 2 Grade 3 Grade 4 Grade 5



 

90 
 

(abundance grade 5) in winter and autumn respectively. In the winter season, 15% of the mussels 

(n = 12) showed a high level (grade 4) of APX infection (Fig. 4.8). 

 

Figure 4.8 Cumulative percentage of APX abundance grading (0-5) of mussels in different  

                      seasons (summer, winter, spring and autumn). [summer (n = 40), winter (n = 80),  

                      spring (n = 60, autumn (n = 76)]. 

 

There was a highly significant association between seasons and APX abundance grading of mussels 

(Pearsonôs chi-square test, p-value < 0.001). 

 

4.3.3. Co-infection of P. olseni and APX 
There was a significant association between P. olseni and APX infection in mussels (Pearsonôs chi-

square test, p-value < 0.017) (Table 4.8). 

 

Table 4.8  Statistical analysis: Chi-square test for the association between P. olseni and APX 

                    infection in mussels. 

Parasite             APX Chi-square test for association 

                 (P-value) No      Yes 
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Perkinsus olseni 

Absent 32 78  

                    0.017 
Present 25 121 

 

Heavily inflected Perkinsus mussels did not tend to carry heavy APX burdens. 

 

4.3.4 Epidemiological parameters of other parasite infections 
 

4% (n = 11) mussels were associated with bacteria (bacilli and cocci). On the other hand, few (1%-

4%) mussels were infected with copepods (n = 2), M. rapuae (n = 3) and IMCs (n = 4) (Fig. 4.9). 

 

Figure 4.9 Mean prevalence (±SE) of parasites and microorganisms associated with mussels  

                     (per slide of the whole animal) (N = 256). 

 

The highest prevalence of infection for most of the parasite species was recorded during September 

2019, except for copepods, which were only present in June 2019. In April 2018, 28% of mussels 

with bacterial association were observed (Table 4.9). 
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All the parasites showed the same prevalence (3%, n = 2) in the winter season. However, the highest 

prevalence (10%) of mussels with the bacterial association was recorded in autumn. There was a 

significant association between seasons (summer, winter, spring and autumn) and the presence of 

bacteria in mussels (Pearsonôs chi-square test, p-value < 0.014). There was no association between 

seasons (summer, winter, spring and autumn) and the presence of copepods, M. rapuae and IMCs 

in mussels. 

 

Table 4.9    Prevalence of parasites associated with mussels in different months [n = number of  

                     mussels infected with parasites]. 

Months 

& Years 

Sample/mussels 

examined (N) 

Bacteria M. rapuae IMCs Copepod 

n  %  n %  n %  n %  

Apr. 2018  18 5  28 0 0 0 0 0 0 

May 2018  20 3  15 0 0 1 5 0 0 

July 2018  20 0  0 1 5 0 0 0 0 

Oct. 2018  20 0  0 0 0 0 0 0 0 

Nov. 2018  20 0  0 0 0 0 0 0 0 

Jan. 2019  20 0  0 0 0 0 0 0 0 

Feb. 2019  20 0  0 0 0 0 0 0 0 

Mar. 2019  20 0  0 0 0 0 0 0 0 

May 2019  18 0  0 0 0 0 0 0 0 

June 2019  20 0  0 1 5 2   10 2   10 

July 2019  20 1  5 0 0 0 0 0 0 

Aug. 2019  20 1  5 0 0 0 0 0 0 

Sep. 2019  20 1  5 1 5 1 5 0 0 

 

 

4.3.5 Immunological tissue responses (Haemocytosis) 
Haemocytosis was observed in the mantle and connective tissue around digestive tubules, digestive 

epithelium and gonads (Fig. 4.10A-D). P. olseni parasites were observed associated with this 

response (Pearson Chi-square test, p-value = 0.03). 
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Figure 4.10  Haemocytosis (orange arrows) in the different tissues of P. canaliculus, (A) mantle, (B)  

                       connective tissue surrounding digestive tract epithelium, (C) connective tissue surrounding  

                       digestive tubules and (D) connective tissue surrounding gonads. Scale bars = 10 µm. 

 

Overall percentages (15-18%) of haemocytosis were recorded in the mantle, and in the connective 

tissue around digestive tubules and gonads, whereas only 2% were observed in gills and the 

connective tissue surrounding the digestive epithelium of mussels. 

A medium level (grade 2) of haemocytosis was observed in the connective tissue surrounding 

digestive tubules of 68% of mussels, whereas 21% of mussels showed haemocytosis at a high level 

(grade 3) in the connective tissue surrounding the digestive epithelium. 9-10% of mussels showed 

heavy haemocytosis (grade 3) in the connective tissue surrounding digestive tubules, gills and 

mantle. 45% of mussels showed haemocytosis at a low level (grade 1) in the connective tissue 

surrounding gonads (Fig 4.11). 
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Figure 4.11 Cumulative percentage (occurrence rate) of hemocytosis grading (0-3) in different  

                        tissues of mussels, N = 256, % = occurrence rate [the term occurrence rate was used  

                        rather than prevalence to avoid confusion between organ/tissue values and  

                        prevalence]. 

 

 

4.3.6 Immunological tissue responses (ceroid/brown material) 
Ceroid/brown material accumulation (light, moderate and heavy) was recorded in different tissues 

of P. canaliculus including the mantle, gills, and connective tissue surrounding gonads and 

digestive tubules (Fig. 4.12A-D). A chi-square test indicated a significant association (p-value = 

0.016) between the brown material accumulation and Perkinsus infection. A significant association 

(p-value = 0.014) was also observed between the brown material accumulation and APX infection 

(Chi-square test). The presence of ceroid material was often noted in the tissues of mussels where 

APX was detected (Fig. 4.12A-D). 
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Figure 4.12 Ceroid/brown material accumulation (orange arrows) in P. canaliculus, (A)  

                          connective tissue surrounding gonads, (B) connective tissue surrounding  

                          digestive tubules, (C) mantle, (D) gills (blood space). Scale bars = 10 µm. 

 

Most (70%) mussels showed ceroid material accumulation at low levels (grade 1) in gills and the 

connective tissue surrounding the digestive epithelium. In the connective tissue surrounding 

digestive tubules, 66% and 10% of mussels showed ceroid material accumulation at a medium level 

(grade 2) and high level (grade 3), respectively (Fig. 4.13). [Light/grade 1 = normal level]. 



 

96 
 

 

Figure 4.13 Cumulative percentage of ceroid material accumulation levels (0-3) in different  

                        tissues, N = 256, % = occurrence rate. 

 

4.3.7 Digestive tubule structures 
Most of the 256 mussel samples showed digestive tubule structures with the normal or cruciform 

or Y shaped lumen (D1) (n = 202, occurrence rate of 79%). However, 10% (occurrence rate) of 

mussels (n = 25) showed digestive tubule structure with normal lumen but sloughed epithelial cells 

inside lumen (D2) 18% (occurrence rate) of mussels (n = 45) showed digestive tubule structures 

with the large lumen, with a thin epithelial wall (D4) and small or no lumen (D3). A chi-square test 

indicated a highly significant association (p-value = 0.001) between digestive tubule structures and 

Perkinsus infection. However, there was an insignificant association (p-value = 0.484) between 

digestive tubule structures and APX infection. 
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Figure 4.14 Digestive tubule structures (orange arrows) of P. canaliculus (A) normal or  

                         cruciform or Y shaped lumen (D1), (B) normal lumen but sloughed epithelial  

                         cells inside lumen (D2), (C) small or no lumen (D3) and (D) large lumen, with  

                         a thin epithelial wall (D4). Scale bars = 10 µm. 

 

4.3.8 Gill structures 
Out of 256 mussels, 190 samples (occurrence rate of 74%) showed gills with normal structure, with 

ciliated lateral cilia, ciliary discs and medium number of haemocytes in the gill haemolymph space 

(G1), whereas the 10% (occurrence rate) of samples (n = 26) showed gills with ciliary discs, 

destroyed/broken epithelium of gill filament and few haemocytes in the gill haemolymph space 

(G2). 24% (occurrence rate) of samples (n = 62) showed gills without ciliated lateral cilia, ciliary 

discs are atrophied/separated and with very few haemocytes in the gill haemolymph space (G3). 




































































































































































































































